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ABSTRACT 

 

Alkyladenine DNA glycosylase (AAG) initiates the base excision repair of a diverse 

range of alkylated and deaminated DNA lesions in human cells. These sites of damage 

are removed from the genome through hydrolytic cleavage of the N-glycosidic bond to 

produce a shared abasic site repair intermediate. Lesions recognized by AAG include 

1,N6-ethenoadenine, hypoxanthine, and the charged lesion 3-methyladenine. To 

recognize such a diverse set of lesions from among a vast excess of undamaged bases, 

AAG must be highly efficient in searching for targets while maintaining strong selectivity 

to prevent excision of undamaged bases. AAG binds nonspecifically to DNA and rapidly 

scans the genome in search of targets, but it remains unclear how AAG identifies 

compatible sites of damage for specific binding. Once a lesion is found, AAG utilizes a 

nucleotide flipping mechanism to rotate the lesion out of the duplex and into the active 

site for excision. This provides another selectivity filter for discrimination between 

damaged and undamaged nucleobases. To gain a better understanding of the substrates 

recognized by AAG, as well as the active site features important for specificity, we 

characterized the kinetics for the excision of the controversial target lesion 1,N2-

ethenoguanine (ɛG). We found that ɛG is recognized and excised much less efficiently 

than the primary substrates of AAG. We also identified a key active site residue (N169) 

involved in discrimination against ɛG as a substrate. Collectively, these results suggest 

that poor recognition by AAG would prevent repair of this lesion in cells, which instead 

likely rely on the expanded repertoire of one of the AlkB homologs. Glycosylases such as 

AAG have long been speculated to use DNA bending to identify sites of damage during 

searching, as bending is observed in crystal structures of glycosylases bound to both 

lesions and undamaged DNA. We developed a stopped flow fluorescence resonance 

energy transfer (FRET) assay to measure the timing of DNA bending by AAG to place 

this step within the established AAG mechanism. We found that DNA bending and base 

flipping occur on the same timescale, after the lesion is already bound by AAG. This 
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precludes DNA bending from contributing to searching by AAG. However, structural 

differences between glycosylases could lead to distinct strategies for DNA searching and 

lesion recognition. This and previous work point to the role of DNA intercalation by a 

conserved β-hairpin of AAG, which could serve to directly sense altered base pairing, a 

common feature of the best AAG substrates. Finally, we sought to explore the activity of 

AAG in the HAP1 cell line, an increasingly popular near-haploid cell line with great 

potential for use in the study of DNA repair. We determined that AAG does not contribute 

to the sensitivity of HAP1 cells to the alkylating agent methyl methanesulfonate. This lack 

of a phenotype contrasts with previously characterized cell lines, suggesting alkylation 

repair or tolerance is specifically perturbed in HAP1 cells. More work is needed to 

understand why HAP1 does not benefit from the repair activity of AAG, however, this work 

makes it clear that other cell models are better suited to the study of AAG function. 

Together, these results provide a deeper understanding of the mechanisms of searching 

and specificity used by AAG to recognize DNA damage, and the scope of tools available 

to study this process. 
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CHAPTER 1 

 

Introduction to DNA Damage Recognition by AAG 

 

 

DNA damage and repair 

 

DNA is the hereditary material for all known cellular life. As such, maintenance and 

replication of the genome are the foremost priorities for all forms of life from single-celled 

bacteria to complex multicellular organisms including humans. DNA damage can arise 

from many natural sources, such as from exposure to energetic radiation like UV light or 

from reactions with dangerous exogenous compounds [1]. In addition, DNA damage can 

arise from within cells, through exposure of the genome to dangerous metabolic 

intermediates or through errors in replication and repair [2]. The consequences of these 

damage sites vary widely but can include cytotoxicity and mutation, the latter of which 

can lead to genome instability and cancer [1, 3]. 

A vast array of overlapping DNA damage repair pathways exists to provide a robust 

and efficient response to any type of DNA damage. The nucleotide excision repair (NER) 

pathway removes segments of DNA containing lesions that distort base-pairing in the 

duplex, such as bulky adducts and intra-strand crosslinks [4, 5]. Base excision repair 

(BER) is primarily responsible for cleavage of small, single-nucleotide sites of DNA 

damage arising through oxidation alkylation, deamination, and misincorporation [6]. The 

direct reversal repair pathway (DRR) targets similarly small alkyl modifications and 

photoproducts, but chemically reverses those sites without removing the damaged base 

[7]. Common base substitution mismatches and insertion/deletion mismatches during 

replication are resolved through the mismatch repair pathway (MMR) [8].   

There are also numerous pathways for resolving breaks and linkages in DNA. 

Homologous recombination (HR) and non-homologous end-joining (NHEJ) are the 

primary pathways that mediate repair of double-strand breaks under different 
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circumstances [9]. There are additional pathways that contribute to double strand break 

repair including alternative end-joining and single-strand annealing. Interstrand cross-link 

(ICL) repair encompasses multiple pathways involved in the removal of covalent linkages 

between the opposing strands of DNA. ICL repair can occur independent of DNA 

replication, but has been most thoroughly characterized during replication where the 

stalled replication fork can be resolved by unhooking the ICL linkage and utilizing a 

combination of translesion synthesis, NER, BER, and HR factors to repair both copies of 

DNA [10-12]. 

Every DNA repair pathway must grapple with the fundamental challenge of how to 

locate and recognize sites of damage for efficient and accurate repair. Single-nucleotide 

sites of damage such as those repaired by BER and direct repair are thought to be the 

most common form of DNA damage. Estimates place the occurrence of these small 

lesions at roughly 10,000 sites per day per cell in humans [1]. While these lesions are 

numerous when viewing an organism as a whole, each type of damage is incredibly rare 

when compared to the billions of bases in the human genome. This presents a pair of 

challenges to DNA repair pathways. First, the site of damage needs to be physically 

located from among a vast excess of undamaged sites. Second, the repair enzymes need 

to have sufficient specificity to distinguish a genuine site of damage from an undamaged 

base. This thesis seeks to understand the strategies used for DNA damage recognition 

in the human base excision repair pathway. 

 

Base excision repair 

 

 The BER pathway is conserved across every domain of life. Through BER, a wide 

range of small lesions are cleaved from DNA and replaced using the opposite strand as 

a template (Fig. 1-1) [6]. Glycosylases initiate the base excision repair pathway by binding 

a lesion and cleaving the damaged nucleobase at the N-glycosidic bond [13]. The 

simplest monofunctional glycosylases use hydrolysis of the N-glycosidic bond to release 

the damaged nucleobase from the duplex. This produces as an abasic 

apurinic/apyrimidinic (AP) site, which can be recognized by an AP-endonuclease. Abasic 
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sites are a dangerous form of DNA damage that can be both mutagenic and cytotoxic if 

left unresolved, so progress through the pathway is critical [14, 15].  

 The primary AP endonuclease responsible for BER in humans is called APE1. 

Once an AP endonuclease like APE1 identifies an abasic site, the phosphodiester 

backbone is cleaved 5’ to the former lesion site, producing a 3’ OH group and a 5’ 

deoxyribosephosphate (dRP) group on the ends of DNA. This single-strand break in DNA 

is quickly detected for further processing, to minimize the potential for further breaks in 

DNA. In humans, the dRP group is removed by the dRP lyase activity of polymerase β, 

while prokaryotes rely on other dRPase proteins [16]. The polymerase is then able to 

extend from the 3’ OH to incorporate a properly paired nucleotide into the DNA [17]. The 

remaining nick is sealed by a DNA ligase. In mammals, Ligase 1 and Ligase 3 are both 

thought to be essential for BER [18, 19]. 

 

Fig. 1-1. Short-patch base excision repair. A schematic is shown for a generalized 

short-patch base excision repair pathway with a monofunctional DNA glycosylase. The 

glycosylase hydrolyzes the N-glycosidic bond of the damage base (red X) to produce 

an abasic site. An AP endonuclease nicks the backbone 5’ of the abasic site, producing 

a hanging dRP group. In humans, polymerase β removes the dRP group before 

extending the 3’ end of the nick to match the opposing strand.  Finally, a ligase seals 

the nick. 
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 Several notable variations of the BER pathway exist, starting with the glycosylase 

step. While monofunctional glycosylases use an activated water to hydrolyze the N-

glycosidic bond, bifunctional glycosylase enzymes attack the lesion with an amine group, 

forming an enzyme-DNA Schiff base intermediate [20]. After elimination, this produces a 

nicked product rather than an abasic site, which must be processed by alternative factors. 

Variations in the pathway also occur after the glycosylase step. In certain circumstances 

in the cell, the polymerase can instigate “long-patch” BER by extending the 5’ DNA 

fragment past the lesion site, producing a long flap ending with the dRP. This product 

must then be resolved by a flap endonuclease for ligation to occur [21]. 

 

Alkyladenine DNA glycosylase 

 

In human cells there are a total of 11 known glycosylase genes. These include 5 

monofunctional and 6 bifunctional glycosylases and span 4 distinct structural families: 

helix-hairpin-helix, uracil DNA glycosylase, helix-2-turn-helix, and alkyladenine DNA 

glycosylase. These families are thought to have evolved glycosylase activity 

independently but have converged on similar mechanistic strategies [22]. Some 

glycosylases are highly specialized for the recognition of a small selection of lesions, such 

as the highly specific recognition of uracil by UDG [23, 24]. Other glycosylases like AAG 

recognize a broad spectrum of diverse lesions [25]. The damage specificity of each 

glycosylase varies, but many glycosylases have redundant activity to provide cells with 

robust coverage for important types of damage. 

The monofunctional mammalian alkyladenine DNA glycosylase (AAG), also known 

as methylpurine DNA glycosylase (MPG), is one of the better characterized examples of 

a DNA repair glycosylase with a broad substrate range [25-28]. AAG is the sole human 

protein in the eponymous alkyladenine DNA glycosylase structural family. While AAG 

homologs are widespread in eukaryotes, they are not found in fungi and very few AAG 

homologs have been discovered in prokaryotes, with the most notable exception being 

the bacteria Bacillus subtilis [29, 30]. In human cells, AAG is the sole glycosylase 

responsible for the repair of alkylation damage. AAG recognizes a wide array of alkylated 

bases including 3-methyladenine, 7-methylguanine, and 1,N6-ethenoadenine, as well as 
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the deamination product hypoxanthine (Fig. 1-2) [25]. Smaller pyrimidine lesions such as 

3,N4-ethenocytosine are also recognized by AAG, though they are not excised [31, 32]. 

The role of AAG in cellular repair of alkylation damage has been investigated using 

mouse models. AAG knockout mice are viable and show no clear phenotype under 

normal conditions, but they are sensitized to alkylating agents like methyl 

methanesulfonate and show slower repair of alkylation damage [33, 34]. Although AAG 

is expected to be protective, overexpression of AAG has also been shown to sensitize 

mammalian cells to alkylation damage under a variety of circumstances [35-37]. This is 

thought to be the result of the accumulation of dangerous repair intermediates following 

AAG-catalyzed cleavage. Thus, proper regulation of AAG is critical for mediating the 

mammalian response to alkylation damage. 

AAG is a monomeric protein composed of 298 amino acids. The C-terminal domain 

(~220 amino acids) of AAG is highly conserved and contains the enzyme’s DNA binding 

interface and active site. The poorly conserved N-terminal domain of AAG is a flexible 

 

 

Fig. 1-2. Lesions recognized by human AAG. The structures of the undamaged 

purine bases adenine and thymine are shown.  Below each base are selected 

derivative lesions excised by human AAG. These lesions have diverse structures and 

variable charges, with adducts or modifications shown in red. 
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region that does not strongly impact the substrate selectivity or the rate of base excision 

by the enzyme but may impact nonspecific DNA binding [27, 38]. Multiple crystal 

structures of AAG have been solved, including a structure bound specifically at a lesion 

site (Fig. 1-3) [26, 39]. These structures identify a large positively charged binding surface 

for nonspecific interaction with the negatively charged DNA backbone. AAG is also shown 

to utilize base flipping to engage an extrahelical A lesion.  

The minimal kinetic mechanism of AAG has been characterized using the intrinsic 

fluorescence of the lesion 1,N6-ethenoadenine (A) and relevant AAG variants (Fig. 1-4) 

[28, 38]. This overall strategy for lesion recognition appears to be shared among a number 

of monofunctional glycosylases including UDG and AlkA [40].  

AAG first binds nonspecifically to DNA. Under normal cellular conditions, sites of 

damage will be vastly outnumbered by undamaged sites, and therefore initial binding will 

typically occur at an undamaged nucleotide. The enzyme then quickly searches for a site 

of damage. Early during the searching process, AAG intercalates the 34 hairpin into 

the minor groove of DNA [41]. Once a lesion has been identified, AAG rapidly and 

 
Fig. 1-3. Crystal structure of human AAG bound to ɛA-containing DNA. AAG 

bound specifically at a site of A damage (magenta). The lesion is flipped into the AAG 

active site and the backbone of DNA is bent by roughly 20° at the site of binding. AAG 

residue Tyr162 (yellow) from the β3β4 hairpin is intercalated into the DNA duplex in 

the gap left by the flipped-out base. Image produced using PyMOL 

(http://www.pymol.org) with coordinates from PDB structure 1F4R. 
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reversibly forms an initial recognition complex with the lesion partially unstacked from the 

duplex. From this initial recognition complex, the lesion flips entirely into the enzyme 

active site, forming the specific recognition complex for cleavage. While the lesion is 

flipped into the active site, AAG intercalates a Tyr side chain into the gap left in DNA. N-

glycosidic bond cleavage is catalyzed via an activated water molecule bound in the active 

site. 

 

Facilitated diffusion by AAG 

 

Searching the genome solely through diffusion is an incredibly inefficient way to 

interrogate the vast number of DNA sites in a cell. To improve the efficiency of DNA 

searching, many DNA-binding proteins employ a series of strategies collectively known 

as facilitated diffusion [42-46]. Facilitated diffusion describes several approaches utilizing 

nonspecific electrostatic contacts between the protein and DNA to transfer between 

proximal DNA sites without fully dissociating into solution. These mechanisms include 

sliding, hopping, and intersegmental transfer (Fig. 1-5). Sliding refers to 2-dimensional 

movement of the protein along DNA while maintaining constant contact with the 

deoxyribose-phosphate backbone. Hopping describes short dissociation of the protein 

 

Fig. 1-4. Minimal mechanism for recognition of DNA damage by AAG. AAG binds 

nonspecifically to any available site on DNA. Searching is initiated quickly, along with 

early intercalation of a hairpin into the minor groove of DNA. Once a lesion (red) is 

found, AAG forms an initial recognition complex. Finally, the lesion is flipped into the 

AAG active site, DNA is bent, and the Tyr162 residue intercalates into the gap in DNA 

to form the specific recognition complex. This specific complex is then prepared for 

hydrolysis of the N-glycosidic bond. Illustrated with BioRender.com. 
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from DNA, but then rapid reassociation at a nearby site. Finally, intersegmental transfer 

refers to dissociation and reassociation of the protein at DNA sites that are distant in 2D 

sequence but close in 3D space.  

 

 

AAG utilizes several modes of facilitated diffusion to conduct an efficient search of the 

genome [38, 47, 48]. After binding nonspecifically to DNA, AAG redundantly searches 

nearby sites for damage. This short-range search includes hopping between opposing 

DNA strands as well as hopping over obstructions on the DNA, an important feature for 

searching the heavily occupied human genome [49]. It remains unclear if AAG is capable 

of sliding or if short-range searching is exclusively performed by hopping. These short 

movements allow AAG to closely inspect a given DNA region for the presence of damage 

before moving on to a new stretch of DNA via intersegmental transfer or diffusion once 

the first region has been sufficiently scanned. A searching mechanism prominently 

 

Fig. 1-5. Mechanisms of facilitated diffusion. Facilitated diffusion encompasses 

multiple mechanisms for DNA searching that enable searching of many DNA sites after 

binding an initial site. Shown are three distinct mechanisms of facilitated diffusion: 

sliding, hopping, and intersegmental transfer. These strategies allow more efficient 

DNA searching than simple 3-dimensional diffusion. Illustrated with BioRender.com. 
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featuring hopping between DNA sites agrees with observations of uracil DNA glycosylase, 

suggesting glycosylases may share searching strategies despite their structural 

differences [50, 51]. 

While searching by AAG has been extensively explored with short oligonucleotides, 

less is known about searching in the context of a packed cell nucleus. Knockout of the 

primary yeast alkylation glycosylase, MAG1, and supplementation with AAG provides a 

simple model to examine facilitated diffusion in eukaryotic cells [52]. In this study it was 

found that facilitated diffusion was important for cellular repair when AAG is present at 

physiological levels, whereas facilitated diffusion is dispensable when AAG is 

overexpressed to a high level. This suggests that chromatin remodeling is not the rate 

limiting step for accessing sites of DNA damage, and furthermore that facilitated diffusion 

allows for efficient DNA repair with a lower steady-state level of repair glycosylase. It 

remains an open question as to how chromatin is searched in the larger and more 

complex human nucleus, and it could be informative to employ separation-of-function 

variants of AAG that are deficient in facilitated diffusion. 

 

Base flipping and side chain intercalation by AAG 

 

 To excise lesions from DNA, glycosylases must first access the N-glycosidic bond 

from within the DNA duplex. The human glycosylases in all 4 structural families 

accomplish this through base flipping [26, 53-55]. Upon binding a compatible lesion, AAG 

rotates the damage base roughly 180° out of the duplex and into the active site. This 

disrupts the base stacking of the lesion as well as any Watson-Crick hydrogen bonding 

with the opposing strand. This step also provides another layer of substrate selectivity by 

AAG. The ease of flipping a base out of the DNA duplex can contribute to the overall 

favorability of base excision. 

In crystal structures of AAG bound to a flipped-out base, the side chain of Tyr162 

is intercalated into the DNA at the gap left by the flipped-out base. Two primary models 

exist to explain the mechanism of base flipping and side chain intercalation: pushing and 

plugging. In a pushing model, the protein side chain is intercalated to destabilize the DNA 

duplex, promoting flipping of the targeted base. In contrast, in a plugging model the 
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protein side chain moves into position after the nucleotide is flipped out to prevent it from 

unflipping. These models are not mutually exclusive, and there is experimental evidence 

that Tyr162 functions in both roles. Mutation of AAG intercalating residue Tyr162 to either 

alanine or phenylalanine accelerates the rate of A flipping to different extents, indicating 

this residue does participate in the flipping step [56]. It was proposed that Tyr162 is 

playing a role as a gatekeeper in slowing the rate of flipping relative to the smaller alanine 

and phenylalanine side chains. The plugging role of Tyr162 is clearly established, as the 

rate of unflipping is slowest for the native Tyr162 and similar Phe162 and becomes greatly 

accelerated in the Ala162 variant. 

Crystal structures of AAG bound to a flipped-out lesion reveal bending of DNA at 

the site of AAG binding, a feature shared among many glycosylases [26, 54, 57-60].  The 

role of this DNA bending is not well understood, but several potential models have been 

proposed for different glycosylases. The most popular model suggests that DNA is bent 

during the searching process to identify sites of duplex instability due to base modification 

[59, 61]. The bent site would then be primed for flipping and specific recognition. However, 

bending could also play a role in the relief of strain generated by rotation of the lesion into 

the active site, or in the precise positioning of the lesion in the active site for hydrolysis. 

 

Active site discrimination by AAG 

 

 Discriminating between substrates and non-substrates is a significant challenge 

for AAG due to the broad range of lesions it repairs. Highly-specific glycosylases like UDG 

have an active site tailored to interact with one preferred substrate [24]. By contrast, the 

active site of AAG must accommodate substrates with varying shapes and charges, all 

while excluding undamaged bases (Fig. 1-2). The active site of AAG utilizes a number of 

structural features to achieve this balance of broad recognition and discrimination.  

For purine substrates, active site residues His136 and Asn169 play a large role in 

governing the substrate selectivity of base flipping (Fig. 1-6A & B) [25]. The aromatic side 

chain of His136 stacks neatly against the face of the flipped-out lesion. However, the 

primary contribution of His136 to specificity comes not from the side chain, but from the 

amide backbone. The amide group of H136 provides hydrogen bond stabilization for 
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bases with a 6-oxo group, like Hx, as well as the N6 nitrogen of A. The backbone amide 

is predicted to also clash with the exocyclic amine group of undamaged A, enabling 

discrimination against that undamaged base. Residue Asn169 closely contacts the 

Watson-Crick bonding edge of the flipped-out lesion, making it ideal for constraining 

lesion structure. The side chain amide of Asn169 extends close enough to clash with 

bases containing a bulky N2 group, such as the exocyclic amine of undamaged G. Indeed, 

mutation of the Asn169 residue to Ala or Ser leads to significant rate enhancement for 

excision of all nucleobases, including G [25, 62]. Residues Tyr127 and Tyr159 complete 

the structural definition of the active site, providing stacking interactions on either side of 

purine lesions. 

The final layer of substrate selectivity of AAG comes from the N-glycosidic bond 

hydrolysis step. AAG relies on general acid-base catalysis for base excision [27]. Residue 

Glu125 serves as the general base that activates a bound water for nucleophilic attack 

(Fig. 1-6B). Due to the shared N-glycosidic bond structure of all relevant lesions, Glu125 

is positioned to excise any lesion successfully flipped into the active site. A general acid 

is used to protonate uncharged nucleobases, possibly at the N7 site, to stabilize the 

 

Fig. 1-6. Active site structure and recognition of DNA damage. (A) Diagram of an 

ɛA lesion (yellow) surrounded by the active site pocket residues of human AAG. The 

activated water molecule (red sphere) is bound near the catalytic Glu125 and N-

glycosidic bond. Structure rendered in PyMOL (http://www.pymol.com) using the 

coordinates from 1F4R in the PDB. (B) Structure of the transition state for AAG 

cleavage of ɛA. Glu125 serves as the general base, while the general acid remains 

unknown.  Residues His136 and Asn169 are positioned for substrate selectivity. 
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leaving group for base excision. The identity of this acid remains unknown, and mutagenic 

studies have suggested the possibility that there is more than one pathway to protonation, 

or an as-yet-undetected conformational change to bring the general acid into position 

[27]. General acid catalysis appears to play a defining role in preventing excision of small 

pyrimidine lesions like ethenocytosine (C) that would otherwise fit into an active site 

designed for purines. AAG binds C with relatively strong affinity, but the lack of a properly 

positioned N7 site for protonation prevents base excision from progressing [32].  

 

Work described in this thesis 

 

 In this thesis we explore the strategies used by human AAG to search the genome 

for sites of DNA damage and to discriminate between potential DNA substrates. We also 

examine cellular models to study the interrelationship between AAG-initiated repair of 

alkylation damage and other DNA repair pathways.  

In Chapter 2 we examine the excision of controversial AAG substrate 1,N2-

ethenoguanine (ɛG). Using single turnover and multiple turnover kinetic assays, we 

compare the efficiency of ɛG excision to the excision of the well-characterized substrate 

ɛA, which arises under similar circumstances in the human cell. ɛG was excised more 

slowly than A in every tested condition, and direct competition between ɛG and 

undamaged DNA highlighted the poor recognition of ɛG. Lastly, mutation of AAG active 

site residue Asn169 was found to strongly impact the ɛG excision activity of AAG. This 

suggests that the lack of AAG activity toward ɛG is likely tied to active site discrimination 

against the N2 group of undamaged G. 

In Chapter 3, we investigate the role of DNA bending in the recognition of DNA 

damage by human AAG. DNA bending is widely speculated to contribute to lesion 

searching by AAG and other glycosylases. To establish the role of DNA bending we 

developed a FRET assay to measure time-resolved changes in DNA bending to compare 

with the established kinetics of base flipping. The kinetics of DNA bending were found to 

consistently align with base flipping. Analysis of AAG active site variants and DNA with 

flexible linkers showed that alteration of the rates of both flipping and bending failed to 
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decouple bending and flipping. This places DNA bending after the initial binding of the 

lesion in the AAG mechanism, ruling out DNA bending as a searching mechanism. 

In Chapter 4, we scrutinize the use of the popular human near-haploid cell line 

HAP1 as a model for DNA repair in ordinary diploid human cells. Knockout of AAG in 

mammalian cells, including the human HeLa cell line, has been shown to result in 

increased sensitivity to DNA alkylating agents such as methyl methanesulfonate (MMS).  

Unexpectedly, we found that HAP1 cells lacking AAG show no change in sensitivity to 

MMS treatment. Using cell extracts, it was shown that AAG and downstream BER 

enzymes are active. Thus, alkylation repair and tolerance mechanisms in HAP1 cells 

must deviate significantly from other characterized human cells. 

Our results provide a better understanding of both the mechanisms of DNA 

damage recognition and the tools available to interrogate human DNA repair. 
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CHAPTER 2 

 

Recognition of 1,N2-ethenoguanine by AAG Is Restricted by a 

Conserved Active Site Residue 1

 

 

ABSTRACT 

 

 The adenine, cytosine, and guanine bases of DNA are susceptible to alkylation by the 

aldehyde products of lipid peroxidation and by the metabolic byproducts of vinyl chloride 

pollutants. The resulting adducts spontaneously cyclize to form harmful etheno lesions. 

Cells employ a variety of DNA repair pathways to protect themselves from these pro-

mutagenic modifications. Human alkyladenine DNA glycosylase (AAG) is thought to 

initiate base excision repair of both 1,N6-ethenoadenine (εA) and 1,N2-ethenoguanine 

(εG). However, it is not clear how AAG might accommodate εG in an active site that is 

complementary to εA. This prompted a thorough investigation of AAG-catalyzed excision 

of εG from several relevant contexts. Using single-turnover and multiple-turnover kinetic 

analyses, we found that εG in its natural εG•C context is very poorly recognized relative 

to εA•T. Bulged and mispaired εG contexts, which can form during DNA replication, were 

similarly poor substrates for AAG. Furthermore, AAG could not recognize an εG site in 

competition with excess undamaged DNA sites. Guided by previous structural studies, 

we hypothesized that Asn-169, a conserved residue in the AAG active site pocket, 

contributes to discrimination against εG. Consistent with this model, the N169S variant of 

AAG was 7-fold more active for excision of εG as compared to the wild-type (WT) enzyme. 

Taken together, these findings suggest that εG is not a primary substrate of AAG, and 

that current models for etheno lesion repair in humans should be revised. We propose 

that other repair and tolerance mechanisms operate in the case of εG lesions. 
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INTRODUCTION 

 

All cellular life contends with the challenge of DNA alkylation damage. DNA bases are 

alkylated by both endogenous and exogenous compounds, and the failure to repair these 

base lesions results in a variety of deleterious consequences ranging from point 

mutations to the stalling of DNA replication or transcription [1]. Etheno lesions represent 

a subset of exocyclic alkylation adducts that can arise through alkylation of purine and 

pyrimidine bases of genomic DNA (Fig. 2-1) [2]. The etheno lesions 1,N6-ethenoadenine 

(εA), N2,3-ethenocytosine (εC), 1,N2-ethenoguanine (εG), and N2,3-ethenoguanine (N2,3-

εG) are naturally formed through exposure to the reactive aldehyde products of lipid 

peroxidation and subsequent ring closure [3, 4]. Notably, etheno lesions have also been 

shown to arise due to reactions with chloroacetaldehyde and other metabolic byproducts 

of the common industrial compound vinyl chloride [5]. In vitro DNA replication assays 

have demonstrated the miscoding properties of etheno lesions as well as the propensity 

for them to halt replication [6-8]. Consistent with these deleterious effects on DNA 

replication, etheno lesions have cytotoxic effects on mammalian cells [9].  

 

 

Figure 2-1. Diverse structures of the etheno DNA lesions. The four etheno lesions are 

depicted below their undamaged forms. 
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The base excision repair (BER) pathway exists in all domains of life, and it is 

responsible for removing and replacing diverse single nucleotide lesions such as those 

which arise through DNA alkylation, oxidation, and deamination [10]. BER is initiated by 

a DNA glycosylase that searches DNA to locate specific sites of DNA damage and 

catalyzes the excision of the base lesion to generate an abasic site. Subsequent action 

by an AP endonuclease, dRP lyase, DNA polymerase and DNA ligase nicks the backbone 

at the abasic site, removes the deoxy sugar, inserts an undamaged base to complement 

the opposing strand, and ligates the nick.  

Alkyladenine DNA glycosylase (AAG) utilizes a nucleotide flipping mechanism to 

target a broad range of alkylated DNA lesions [11-13]. Upon specific binding of the 

enzyme to a target lesion, the lesion is rotated out of the duplex and into the enzyme 

active site for cleavage. AAG was initially proposed to repair all the etheno adducts which 

can arise in human cells [14]. εA is a well-characterized substrate of human AAG, and it 

is recognized with high affinity by the enzyme in vitro [11, 15]. AAG also recognizes and 

binds to sites of εC damage, however it is unable to catalyze cleavage of the N-glycosidic 

bond [16].  Rather, the human glycosylases TDG and SMUG1, along with the direct 

reversal protein AlkBH2, have been shown to repair εC [17-19].  

Compared to εC and εA, less is known about the repair of εG. In vitro reactions 

between DNA and aldehydes derived from lipid peroxidation favor the production of εG 

over N2,3-εG, indicating that εG might be the more relevant natural lesion [20-22]. The 

opposite appears to be true of damage originating from exposure to vinyl chloride and its 

byproducts [20, 23]. εG causes both replication blocks and a mixture of G → T and G → 

C transversion mutations in mammalian cells [6, 7]. The lesion also blocks transcription 

by enzymes such as human RNA polymerase II [24]. The exact frequency of εG lesions 

in the human genome is not firmly established, however the harmful effects of unrepaired 

εG combined with the natural origin of the lesion suggest that there must be a means of 

repairing the lesion.   

AAG was previously investigated for glycosylase activity toward εG [14, 25, 26]. While 

these studies conclude that AAG catalyzes the excision of εG, the kinetics of that excision 

vary widely between reports [25, 26]. The relevance of the N-terminal domain of AAG for 

εG recognition is also contentious. The N-terminal 79 residues of human AAG form a 
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flexible region that is not conserved among different species. One study concluded that 

truncation of the N-terminus of human AAG eliminated activity toward εG [25], whereas a 

subsequent study reported similar activity of full-length and N-terminally truncated AAG 

toward εG [26]. However, this second study reported a very low percentage (6%) of εG 

could be excised. Studies employing different base lesion substrates concluded that the 

truncation of the N-terminus reduces the searching efficiency of AAG but does not 

significantly affect the rate constant for N-glycosidic bond cleavage in vitro [27, 28]. 

In this work we characterized the single- and multiple-turnover kinetics of the AAG-

catalyzed excision of εG from a variety of DNA duplexes. Comparison of the kinetic 

constants for excision of εG and εA, and the results of direct competition experiments, 

together demonstrate that εG is a very poor substrate of AAG. We investigated the 

structural origins for this substrate specificity and found that mutation of N169 to a smaller 

side chain allows significantly increased activity toward εG, presumably because the 

bulky etheno adduct can be better accommodated in the active site. Although we have 

verified the claims that AAG is capable of catalyzing excision of εG in vitro, our work 

argues against this being a bona fide physiological substrate and leads to the prediction 

that other DNA repair pathways are responsible for εG repair in vivo. 

 

 

RESULTS AND DISCUSSION 

 

Multiple turnover kinetics of AAG-catalyzed excision of εG  

To examine the kinetics of εG excision by human AAG, we expressed and purified 

Δ80 AAG from E. coli for in vitro glycosylase assays. We used steady-state kinetics to 

characterize the efficiency of AAG-catalyzed excision of εG from a 25mer DNA duplex 

containing a central εG•C target site (see Experimental Procedures). Reaction conditions 

were selected to maximize the activity of AAG while maintaining enzyme stability over a 

long time-course, and linear initial rates were observed up to 10% product formation with 

no evidence of a pre-steady state burst (Fig. 2-2A). Despite the optimized conditions for 

AAG activity, the reaction proceeded slowly with a kcat of 0.0048 min-1 (Fig. 2-2B). The 
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catalytic efficiency of the reaction, given by kcat/KM, was measured to be 1.5x104 M-1s-1. 

In comparison, the catalytic efficiency of AAG for excision of εA, a well-characterized 

substrate, has been estimated to be 3 orders of magnitude higher under the same 

conditions [11]. This discrepancy is conspicuous given the similar origin and the 

mutagenicity of both lesions. 

To more directly compare the efficiencies for the excision of εG and εA, the lesion-

containing oligonucleotides were competed in the same glycosylase assay mixture. The 

εG lesion was paired with a complementary C, whereas the εA lesion was paired with a 

complementary G. The εA•G pairing is the least efficient base pairing for εA excision, 

potentially allowing for the relatively slow εG excision to compete [29]. To distinguish the 

εA and εG DNA substrates and products on a gel, the εG lesion was incorporated into a 

25mer DNA sequence while the εA lesion was incorporated in a 19mer DNA sequence. 

We controlled for the effect of DNA length on the kinetics of glycosylase activity by 

performing a competition assay between εA incorporated into the 19mer and 25mer 

sequence. No substantial preference between the 19mer and 25mer was observed (Fig. 

A1). The formation of the fluorescently labeled 12mer and 9mer products from excision 

 

Figure 2-2. Multiple turnover excision of εG by AAG. (A) Time course of the ∆80 AAG-

catalyzed excision of εG from a 25mer DNA substrate with an opposing C base. 

Concentrations of DNA are listed in the legend, with DNA in 50-fold excess of enzyme for each 

reaction. Error bars represent the S.D. of 2 trials. (B) Dependence of εG excision rate on DNA 

concentration, fit to a hyperbola with kcat = 0.0048 min-1 and KM = 370 nM-1. Points represent 

the average of 4 replicates, and error bars represent the S.D. 
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of εG and εA, respectively, was monitored to obtain initial rates for the excision of both 

substrates. At a ratio of 10:1 εG to εA, no detectable εG product was formed during the 

initial period of the εA reaction (Fig. 2-3). As 0.5% of the εG excision product could have 

been reliably detected, we conservatively estimate that εA•G is preferred over εG•C by at 

least 200-fold. These data further support the conclusion that εG is poorly recognized 

relative to primary substrates of AAG. 

 

AAG-catalyzed single turnover excision of εG 

Single turnover glycosylase reactions were performed to measure the rate of εG and 

εA excision catalyzed by AAG. These reactions report on all the steps preceding and 

including N-glycosidic bond cleavage, but subsequent steps such as product release are 

excluded. To directly compare to previous results, an optimal pH of 6.1 was used [28], 

and AAG was up to 3-fold more active for excision of εG at pH 6.1 as compared to pH 7.5  

(Fig. A2). Each single turnover reaction of εG excision proceeded to ~85% completion, 

indicating the presence of a small quantity of nonreactive species in the εG-DNA (Fig. 2-

4A & B). As observed in the multiple turnover experiments, AAG-catalyzed excision of εG 

proceeded more slowly than excision of εA. Furthermore, the concentration dependence 

of ∆80 AAG exhibited biphasic behavior (Fig. 2-4C; red squares).  

 

Figure 2-3. Competition of εG and εA for AAG-catalyzed excision. Reactions contained 2 

nM ∆80 AAG, 2 μM εG in the 25mer DNA sequence with an opposing C, and 200 nM εA in 

the 19mer DNA sequence with an opposing G. Lines of best fit were calculated using linear 

regression. Points represent the average of 4 replicates, and error bars represent the S.D.  
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In the classic model for single turnover kinetics, the relationship between kobs and the 

concentration of enzyme should fit to a hyperbola. However, a reduction in the rate 

constant for excision of εG was observed at elevated concentrations of AAG (Fig. 2-4C). 

A similar inhibitory effect was previously reported for the E. coli 3-methyladenine DNA 

glycosylase (AlkA), but this is the first instance of such behavior from AAG [30]. Using the 

inhibition model developed for AlkA, described in Fig. A4, a Ki value of 680 nM was 

determined for Δ80 AAG. These concentrations of AAG far exceed cellular conditions, 

making such enzyme crowding unlikely in a cellular context. However, the inability of AAG 

to distinguish εG from undamaged sites could have serious physiological implications.  

To assess the relative affinity of AAG for undamaged and damaged sites, single 

turnover reactions of AAG with εG and εA were challenged with varying concentrations 

of undamaged 25mer DNA oligonucleotides containing a central A•T pair. The excision 

 
Figure 2-4. Single turnover excision of εG by AAG. (A) Representative gel for the AAG-

catalyzed single turnover excision of εG. Reactions contained 20 nM 25mer DNA with εG 

complemented by a C. Enzyme concentration was varied between reactions. Pictured are 

reactions with or without 100 nM Δ80 AAG. (B)  Time courses for εG excision by ∆80 AAG. 

Enzyme concentrations are indicated in the legend. (C) The single turnover rate constants for 

εG excision catalyzed by both full-length and Δ80 AAG are shown plotted by enzyme 

concentration. Reactions contained 20 nM εG in the 25mer DNA sequence. The values were 

fit to the multivalent interference model detailed in Fig S4. Points for full-length AAG represent 

the mean of 4 replicates, while points for 80 AAG represent the mean of 6 replicates. Error 

bars represent the S.D. For ∆80 AAG the best fit values are kmax = 0.034 min-1, K1/2 = 11 nM, 

and Ki = 680 nM. For full-length AAG the values are kmax = 0.024 min-1, K1/2 = 9 nM, and Ki = 

2.0 μM.  
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of εA was unaffected by the presence of undamaged DNA, up to at least 80-fold excess 

over the damaged DNA, which was the highest concentration tested (Fig. 2-5). In 

contrast, the excision of εG was strongly inhibited by the presence of undamaged DNA, 

with an IC50 of 400 nM. This experiment indicates that εG•C is preferred by a factor of 

300-fold relative to binding to undamaged sites, which is much less than the lower limit of 

>30,000 preference for εA•T. The 300-fold preference for εG•C, relative to a typical 

undamaged DNA site, is unlikely to be sufficient for repair in the cell where there is a vast 

excess of undamaged relative to damaged sites.  

 

The N-terminal region of AAG is not necessary for the excision of εG 

Previous studies have demonstrated that the catalytic domain of AAG is more stable 

than the full-length protein and has similar rates of N-glycosidic bond cleavage with many 

different substrates [27, 28]. Despite this, it has been reported that εG cannot be excised 

by N-terminal truncations of AAG [25]. Our multiple turnover and single turnover 

glycosylase assays indicate the contrary, that Δ80 AAG is active toward εG under a 

variety of conditions. However, differences may still exist between the two protein 

variants. To compare the activity of full length and truncated AAG, we repeated the single 

turnover glycosylase assays with full-length AAG (Fig. 2-4C; black circles). Both full-

 
Figure 2-5. Competition of AAG-catalyzed excision of εG and εA by undamaged DNA. 

Reactions containing 100 nM ∆80 AAG and 50 nM of lesion-containing substrate were 

incubated with increasing concentrations of undamaged 25mer DNA. The loss of εG excision 

activity was fit with Equation 5, producing an IC50 of 400 nM. Points represent the mean of 4 

replicates, and error bars represent the S.D.  
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length and ∆80 AAG were able to reach similar endpoints with comparable kmax values. 

Similar to the truncated protein, the K1/2 for εG excision by full-length AAG was too low to 

accurately measure. The full-length protein also displayed inhibition at high enzyme 

concentrations, although to a lesser degree than the truncated protein. These results 

support the model that the N-terminal region of AAG is unnecessary for catalytic activity. 

 

AAG recognizes εG poorly in other relevant DNA contexts 

The oligonucleotides used in the preceding assays represent the expected context for 

the alkylation of a G•C pair to form an εG lesion. However, other pairings can occur during 

replication of the damaged template [6, 7]. We characterized the single turnover kinetics 

of εG•T excision and found rates similar to those of εG•C excision (Table 2-1). AAG 

exhibited similar enzyme concentration-dependent inhibition for excision of εG from εG•T 

as was observed for εG•C (Fig. A3). The similar glycosylase activity with either opposing 

pyrimidine is consistent with the similar multiple turnover rates of excision that were 

previously reported [25]. These results demonstrate that the inhibition of εG excision by 

excess AAG molecules is not exclusive to a single base complement.  

 
Figure 2-6. Single turnover excision of εG from a bulged substrate. The observed single 

turnover rate constants for the excision of bulged εG were plotted against varying 

concentrations of ∆80 AAG. A kmax value of 0.0057 min-1 was determined, with a K1/2 value of 

40 nM. Reactions contained 20 nM 25mer bulge DNA with the εG lesion. Points represent the 

mean of 4 replicates, and error bars indicate the S.D. 
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During replication of εG, DNA polymerases can slip to generate a -1 frameshift [31, 

32]. The slippage event places the εG lesion into a bulged context without a 

complementary base. Previously it was shown that AAG excises εA and Hx from a bulged 

context at comparable rates to base-paired contexts [33, 34]. To assess the ability of AAG 

to recognize εG from a bulged conformation, single turnover glycosylase assays were 

performed with a 25mer bulged substrate (Fig. 2-6). Notably, the bulged lesion appeared 

to lack the concentration-dependent inhibitory effect observed with εG base pairs and the 

data could be readily fit to a typical hyperbolic concentration dependence. It is not clear 

why there was not an inhibitory effect at high concentrations of AAG, but it is possible that 

the presence of the bulge structure disrupts the competing nonspecific DNA binding sites 

which allows for better equilibration between the specific lesion site and the competing 

nonspecific sites. However, the bulged εG substrate was excised with a 10-fold lower kmax 

value than was observed for the duplex εG•C substrate (Table 2-1). This observation 

suggests that εG is inefficiently recognized in the bulged context, whereas AAG readily 

recognizes other base lesions in the same bulged context [33, 34]. An NMR structure of 

the εG bulge DNA [35] shows that the unpaired εG can be accommodated within the DNA 

duplex. It appears that this stable structure limits the ability of AAG to gain access and 

flip out the lesion, as compared to εG mispairs. Although AAG is capable of excising εG 

from a bulged context in vitro, it is clear that this is not a favorable context for AAG-initiated 

repair of εG. 

  

Asn169 of AAG limits the rate of εG excision  

Crystal structures of AAG bound to a flipped-out εA lesion revealed how this active 

site pocket can accommodate base lesions and exclude undamaged bases [13]. The side 

chain of N169 defines one surface of the active site, closely contacting the N1 face of the 

εA lesion (Fig. 2-7A). This residue plays a role in blocking the binding of undamaged 

guanine with its N2-amino group [11, 36], leading us to consider whether this side chain 

also contacts the 1,N2-etheno ring of εG. We used site-directed mutagenesis to generate 

variants of Δ80 AAG with either a serine or an alanine residue in place of N169, and 

subsequently determined the impact of these mutations on the single turnover excision 

kinetics of εA and εG.  
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Table 2-1  

Maximum rate constants for the AAG-catalyzed single turnover excision of εGa 

Lesion kmax (min-1) 

εG•C 0.034 ± 0.005 

εG•T 0.032b 

εG bulge 0.0057 ± 0.0003 

εA•T 0.23 ± 0.015 

aValues are reported for ∆80 AAG at 37 °C in a buffer containing 50 mM NaMES (pH 6.1), 

10% glycerol, 0.1 mg/mL BSA, 1 mM DTT, 1 mM EDTA, and 100 mM ionic strength adjusted 

with NaCl. Each value represents the average of ≥3 replicates. Reactions were fit to the 

biphasic model detailed in Figure S4 and the maximum single turnover rate constant kmax for 

the first phase in each reaction are listed. bThe maximum rate constant was calculated from 

the average of 2 replicates (Fig. A3).  

Table 2-2 

Maximum rate constants for the single turnover excision of εG and εA by WT and 

mutant AAG a 

AAG Variant 
kmax (min-1) 

εG•Ca εA•Tb 

WT 0.034 ± 0.005 0.23 ± 0.015 

N169S 0.25 ± 0.004 0.58 ± 0.034 

N169A 0.041 ± 0.006 1.4 ± 0.11 

 aValues are reported for ∆80 AAG at 37°C in a buffer containing 50 mM NaMES (pH 6.1), 

10% glycerol, 0.1 mg/mL BSA, 1 mM DTT, 1 mM EDTA, and 100 mM ionic strength adjusted 

with NaCl. Each value represents the average of ≥3 replicates. aReactions with εG•C were fit 

to the biphasic model detailed in Figure S4 and the maximum single turnover rate constant 

kmax for the first phase in each reaction are listed. bReactions with εA•T were determined 

from exponential fits at saturating enzyme concentration of 1 μM.  
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The N169A mutation caused an increase in the kmax value for εG excision from 0.034 

min-1 to 0.041 min-1 and the inhibition at high concentration of enzyme was much less 

prominent as compared to the behavior of the WT enzyme (Fig. 2-7B; Table 2-2). This 

increase in the excision rate of the N169A mutant suggests that N169 interferes with the 

excision of εG to some degree. Surprisingly, the kmax for εA excision was also substantially 

increased by the N169A mutation (Fig. 2-7C). This likely reflects a removal of a 

deleterious interaction between the Asn169 side chain and the εA lesion or could result 

from rearrangements in the Ala variant that create more favorable interactions with the 

substrate. 

The N169S mutation is a more conservative change to the active site structure, as it 

maintains hydrogen bonding capability while shortening the side chain length to expand 

the binding pocket. The N169S variant displayed a dramatic elevation in the kmax values 

for excision of both εG and εA (Fig. 2-7C). However, the N169S mutant enhanced εG 

excision by more than 7-fold, while only increasing εA excision by 2-fold (Fig. 2-7D). 

The greater activity of N169S relative to N169A suggests the possibility of positive 

hydrogen bonding interactions for the serine side chain which were lacking in the 

alanine substitution. The N169S mutant also showed little to no enzyme concentration-

dependent inhibition of εG excision, even up to concentrations several times higher than 

those tested for the WT enzyme. This absence of detectable inhibition can be explained 

by the previously proposed inhibition model, whereby the stronger recognition of εG by 

the N169S variant would enable the lesion to compete more favorably with undamaged 

sites for binding and excision. The observation that εG excision by AAG is improved by 

mutation of N169 is consistent with the model that this side chain clashes with the εG 

lesion and contributes to its inefficient excision by AAG.  
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Figure 2-7. Asn169 of AAG restricts excision of εG. (A) In crystal structures of AAG 

bound to εA, the side chain of N169 is in close proximity to N1 and C2 of the nucleobase. If 

εG were to bind in the same conformation its exocyclic ring is predicted to clash with the side 

chain of Asn169. (B) Single turnover rate constants for the excision of εG, catalyzed by 

variants of ∆80 AAG. Reactions contained 20 nM εG in the 25mer DNA sequence with a C 

complement. Rate constants for WT are replotted from Fig. 2-4C, while data for N169S and 

N169A represent the average of 4 replicates. Error bars represent the standard deviation. 

(C) The maximum single turnover rate constants from panel B are plotted alongside values 

for εA excision. (D) The fold increase in the maximum single turnover rate constant due to 

each AAG mutation. Each value is calculated by dividing the values of kmax for the variant 

enzyme by the kmax for the WT enzyme. Error bars represent the propagated error of both 

measured values. 
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CONCLUSIONS 

 

The exocyclic ring structure of the mutagenic and cytotoxic lesion εG presents a 

unique challenge for recognition by the DNA base excision repair pathway. It has 

previously been postulated that base excision repair initiated by AAG is the preferred 

mechanism for repair of both εA and εG [14, 25, 26]. Herein, we demonstrated that εG is 

excised with much lower efficiency than other primary substrates of AAG under both 

single- and multiple-turnover conditions. We also provide the first examination of 

competition between undamaged and εG-containing DNA, demonstrating that AAG has 

a difficult time recognizing εG sites. 

Our findings highlight some of the limitations of single-turnover kinetic approach to 

studying DNA repair glycosylases with defined homogenous substrates. Whereas 

experiments with simple substrates are indispensable for quantitative analysis and the 

dissection of individual reaction steps, these assays neglect the impact of relevant cellular 

factors such as excess undamaged DNA. We infer that inhibition of εG excision at higher 

concentration of AAG protein is indicative of relatively poor lesion recognition, such that 

nonspecific binding modes compete with the lesion-specific binding mode, and this has 

now been observed for both AAG and E. coli AlkA [30]. We demonstrated that nonspecific 

competitor DNA competes effectively for binding of AAG to the εG lesion, suggesting that 

it would be difficult for AAG to effectively locate these lesions in the nucleus. The 

packaging of DNA into nucleosome core particles presents another potential challenge 

for the repair of εG in cells, as nucleosomes have been shown to restrict AAG and other 

glycosylases from accessing sites of DNA damage [37, 38].  

To provide a physical explanation for the discrimination by AAG against εG, we have 

shown that residue Asn169 limits the ability of AAG to excise εG from DNA. This is 

consistent with the model that Asn169 plays a crucial role in governing the selectivity of 

the enzyme against substrates with a functional group at the C2 position [13, 36]. Mutation 

of Asn169 results in a substantial increase in the excision of undamaged G from mispairs, 

a promutagenic change that could offset the benefit of a more versatile active site [36, 39, 

40]. The inability of AAG to efficiently catalyze the excision of εG may reflect a tradeoff 
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for greater specificity and discrimination against undamaged G nucleotides that are 

present in great excess within the genome [11, 36]. 

Considering the dangers posed to the cell by unrepaired εG lesions, the inability of 

AAG to efficiently excise εG suggests that other repair pathways are likely to bear primary 

responsibility for protecting the genome against this particular lesion. Previous in vitro 

studies of the human homologs of AlkB, which catalyze oxidative dealkylation of certain 

alkylated bases, demonstrates that ALKBH2, but not ALKBH3, is capable of recognizing 

and repairing εG in duplex context [41]. Although ALKBH2 is a strong candidate for 

physiological repair of εG•C, it is not known if this enzyme is able to capture rare εG 

lesions from amongst the excess of undamaged sites and it is not known how εG might 

be recognized in post-replicative repair. Although εG has not been specifically 

investigated, genetic studies of mice lacking either AAG, ALKBH2, or ALKBH3 show 

increased sensitivity to induced colitis [42]. Strong synergy was observed when all three 

genes were knocked out, demonstrating redundancy in the repair of DNA alkylation 

damage in vivo [42]. More research is needed to decipher the complexities of substrate 

specificity in mammalian alkylation repair. 

 

 

EXPERIMENTAL PROCEDURES 

 

Preparation of DNA 

Undamaged oligonucleotides were synthesized by Integrated DNA Technologies, and lesion-

containing oligonucleotides were synthesized by the W.M. Keck Facility at Yale University. The 

lesion-containing strand of each oligonucleotide was labeled at the 5' end with 6-fluorescein 

(FAM). Oligonucleotides were purified via denaturing polyacrylamide gel electrophoresis, and the 

concentrations were determined by the theoretical extinction coefficient at 260 nm as described 

previously [27].   
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   Scheme 1 

 

Preparation of enzymes 

 The catalytic domain of AAG, (∆80 AAG) was expressed and purified from E. coli C41(DE3) 

as described previously [28]. The construct for N169S was previously described [11] and the 

N169A mutation was generated by site-directed mutagenesis and confirmed by sequencing both 

strands of the open reading frame. These two variant AAG proteins were expressed and purified 

using the same methods. Full-length AAG was expressed and purified as described previously 

[43]. The concentration of each AAG variant was initially estimated using the UV absorbance and 

the active concentration of each enzyme was established through analysis of the burst kinetics 

for excision of hypoxanthine (Hx) as described previously [27]. 

 

Multiple turnover glycosylase assay 

 Reactions were performed at 37°C in reaction buffer containing 50 mM NaHEPES (pH 7.5), 

10% glycerol, 0.1 mg/mL BSA, 1 mM DTT, 1 mM EDTA, and 100 mM ionic strength adjusted with 

NaCl. The DNA concentration was kept at a 50:1 ratio relative to the AAG concentration to ensure 

multiple turnover conditions. Aliquots were removed from the reactions at various time points and 

were quenched in an equal volume of 0.4 M NaOH to reach 0.2 M NaOH final concentration. The 

quenched aliquots were heated at 70°C for 12 minutes to cleave abasic sites, and then were 

mixed 1:2 with loading buffer (90% formamide, 10 mM EDTA, 0.025% bromphenol blue, 0.025% 

xylene cyanol). For time courses lasting longer than 24 hours, quenched samples were stored at 

4 °C for no more than 12 hours before being heated and mixed with loading buffer. The samples 

were run out on 20% polyacrylamide gels containing 6.6 M urea and were scanned with an 

Amersham Typhoon 5 Biomolecular Imager (GE Healthcare Life Sciences). The samples were 

excited at 488 nm and the emission of fluorescein was measured with a 525BP20 filter. The bands 

on the gel were quantified using ImageQuant TL (GE Healthcare). The fraction product [product 

/ (substrate + product)] was calculated for each lane, and the steady state formation of product 

was fit with linear regression. The change in observed reaction velocity at varying DNA 

concentrations was fit to the Michaelis-Menten equation (1). 
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𝑉𝑜𝑏𝑠 =
𝑘𝑐𝑎𝑡[𝐸][𝑆]

𝐾𝑀+[𝑆]
      (1) 

 

Vobs represents the observed initial reaction velocity, kcat the steady state rate constant, [E] the 

concentration of enzyme, [S] the concentration of substrate, and KM the Michaelis constant, equal 

to the concentration of DNA at the half-maximal velocity. 

 

Single turnover glycosylase assay 

 To achieve single turnover conditions, glycosylase assays were performed with 10–20 nM 

DNA and 50 nM to 6 M enzyme in reaction buffer containing 50 mM NaMES (pH 6.1), 10% 

glycerol, 0.1 mg/mL BSA, 1 mM DTT, 1 mM EDTA, and 100 mM ionic strength adjusted with 

NaCl. All reactions were performed at 37 °C. Aliquots were quenched and quantified as described 

above. Reactions were fit to a single exponential according to equation (2). 

 

Fraction Product = 𝐴(1 − 𝑒−𝑘𝑜𝑏𝑠𝑡) + 𝑐 (2) 

 

A represents the amplitude, kobs the observed single turnover rate constant, t the reaction time, 

and c the starting amount of abasic DNA. The dependence of the single turnover rate constant, 

kobs, on enzyme concentration was fit by a hyperbola according to equation (3) in which kmax 

represents the maximum kobs value and K1/2 represents the concentration at which enzyme is half 

saturating. 

 

𝑘𝑜𝑏𝑠 =
𝑘𝑚𝑎𝑥[𝐸]

𝐾1/2+[𝐸]
       (3) 

For reactions demonstrating enzyme-dependent inhibition, a multivalent inhibitory model was 

applied, in which Ki is the binding constant for the inhibitory complex (equation 4). 

 

𝑘𝑜𝑏𝑠 =
𝑘𝑚𝑎𝑥[𝐸]

𝐾1/2+[𝐸](1+
[𝐸]

𝐾𝑖
)
     (4) 

  

 This model has been used previously for the nonspecific binding of another DNA 

glycosylase to multiple DNA sites [30]. For the titration of undamaged DNA, the IC50 was 

calculated using equation (5), where kobs is the observed rate constant, kunin is the rate constant 

without undamaged DNA inhibitor, and I is the concentration of undamaged inhibitor DNA. 
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𝑘𝑜𝑏𝑠 =
𝑘𝑢𝑛𝑖𝑛[𝐼]

𝐼𝐶50+[𝐼]
      (5)
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CHAPTER 3 

 

DNA Bending by AAG Is Associated With Base Flipping Rather Than 

DNA Searching  

 

 

ABSTRACT 

 

Alkyladenine DNA glycosylase (AAG) initiates the DNA base excision repair 

pathway by hydrolytically excising alkylated and deaminated nucleobases from the 

genome. AAG employs a nucleotide flipping mechanism to access damaged sites, 

rotating the damaged nucleotide into the active site and introducing a bend into DNA. This 

strategy is common across glycosylase structural families. DNA bending by glycosylases 

has been proposed to contribute to genome searching based on observations of bending 

in the absence of DNA damage. To elucidate the role of DNA bending in the recognition 

of damaged DNA by AAG, we characterized the kinetics of bending by AAG using 

stopped-flow fluorescence resonance energy transfer (FRET) with end-labeled 

oligonucleotides. These results were compared with the kinetics of binding and nucleotide 

flipping measured using the fluorescent lesion 1,N6-ethenoadenosine. To further explore 

the relationship between bending and flipping, we mutated AAG binding pocket residues 

Y127 and Y159 and introduced flexibility into the DNA with spacers on the opposing 

strand. The rate constants for DNA bending increased and decreased in tandem with 

base flipping, suggesting that DNA bending does not limit the rate of base flipping. These 

results demonstrate that the initial recognition of the lesion occurs prior to DNA bending 

and DNA bending occurs on the same time scale as nucleotide flipping. We conclude that 

DNA bending does not contribute to DNA searching and instead accompanies and 

potentially facilitates nucleotide flipping. This suggests DNA glycosylases may have 

evolved distinct mechanisms for identifying sites of damage. 
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INTRODUCTION 

 

The individual nucleobases of DNA are subject to modification through oxidation, 

alkylation, and deamination, leading to numerous forms of DNA damage. These DNA 

lesions can arise through normal cellular processes as well as through exposure to 

reactive exogenous factors [3]. Modifications to the structure of DNA bases are usually 

deleterious, causing mutation or cell death. The base excision repair (BER) pathway is 

conserved across all domains of life as the front-line defense against damaged 

nucleobases [4]. Estimates of the number of sites repaired through this pathway reach as 

high as 10,000 sites per day per cell and primarily include small single-nucleotide 

modifications [3, 5]. To identify and repair small lesions from among the vast excess of 

undamaged bases, the enzymes involved must be both highly efficient at locating sites of 

damage and highly specific for the targeted lesions. 

Glycosylases initiate BER by catalyzing the hydrolytic cleavage of damaged 

nucleotides at the N-glycosidic bond to release the base lesion. The resulting abasic site 

is further processed by an AP endonuclease to produce a single-strand break. A DNA 

polymerase and DNA ligase then replace the excised nucleotide to pair with the 

undamaged opposing strand. Mammalian cells contain at least 11 different glycosylases, 

which together recognize a wide spectrum of DNA damage. Glycosylases can be 

separated into 4 primary structural families: helix-hairpin-helix, helix-2-turn-helix, 

alkyladenine DNA glycosylase, and uracil DNA glycosylase. Despite their structural 

differences, glycosylases nevertheless share many strategies for accessing sites of 

damage. All known mammalian glycosylase families use a nucleotide flipping mechanism 

to reach lesions within the DNA duplex. Rotating a lesion out of the duplex and into the 

active site provides access to the N-glycosidic bond as well as the opportunity to 

discriminate between lesions based on the structure of the active site pocket. Many 

glycosylases also intercalate one or more amino acid side chains into the DNA duplex to 

fill the gap left by the flipped-out base.  

Crystal structures of multiple glycosylases in the flipped-out recognition complex 

show a bend in DNA at the site of glycosylase binding [1, 6-12]. These structures include 
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glycosylases from all 4 primary structural families and from both eukaryotes and 

prokaryotes, suggesting an integral role for bending in the activity of these enzymes. The 

degree of DNA bending in glycosylase crystal structures varies widely. Human OGG1 has 

the highest published bend angle at 70°, while human AAG bends DNA by only 20°. It is 

not clear from these structures alone whether these differences in bend angle are due to 

genuine mechanistic differences or simply the varying crystallization conditions and 

packing in these structures. However, atomic force microscopy studies have also 

characterized a range of DNA bending angles for different enzymes, suggesting some 

variation between glycosylases [13, 14]. 

Despite the widespread conservation of DNA bending by glycosylases, the 

purpose of DNA bending by glycosylases remains poorly understood. It has been 

proposed that bending plays a role in the DNA searching process [13-15]. Damaged DNA 

may be easier to bend because disruption of base pairing or base stacking increases the 

intrinsic flexibility of the DNA duplex. Nonspecific recognition of these sites of increased 

flexibility would allow glycosylases to narrow their search for compatible sites of damage 

without the need to flip every undamaged nucleotide, and it could lower the barrier to 

nucleotide flipping. This model of DNA searching through bending has been proposed for 

proteins in other DNA repair pathways, such as the MutS enzymes which initiate 

mismatch repair [16]. Evidence for this type of searching by glycosylases remains limited, 

however the observation by atomic force microscopy that glycosylases can bend 

undamaged DNA would be consistent with DNA bending as an early step in the search 

for damage [13, 14, 17]. 

Human alkyladenine DNA glycosylase (AAG) is a monomeric enzyme with a broad 

specificity to excise alkylated and deaminated purines such as 1N6-ethenoadenine ( A), 

3-methyladenine, and hypoxanthine. The intrinsic fluorescence of the A lesion makes 

AAG an ideal candidate to dissect the mechanistic contributions of DNA bending to lesion 

recognition. The minimal kinetic mechanism of AAG has been previously characterized 

using A fluorescence [18]. AAG binds nonspecifically to DNA then initiates a search for 

a site of compatible damage. This searching can involve hopping between nearby sites 

to navigate around obstructions [19-21]. During the DNA search, it is proposed that the 
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β3β4 hairpin and Y162 side chain intercalate into the minor groove of DNA [22]. Once the 

protein identifies a site of damage, a reversible initial recognition complex is formed that 

is marked by partial unstacking of the A lesion [18]. The A lesion is then fully flipped 

into the active site while the intercalating Y162 residue fills the gap in DNA left by the 

flipped-out base (Fig. 3-1A) [2]. This specific recognition complex proceeds to N-

glycosidic bond cleavage. Placing the timing of DNA bending within this established 

mechanism would clarify the role of DNA bending and evaluate the commonly proposed 

model that DNA bending contributes to DNA searching (Fig. 3-1B).  

Large bends in the backbone of DNA can be detected by a variety of techniques 

such as electrophoretic mobility, atomic force microscopy, and fluorescence resonance 

energy transfer (FRET). Among these strategies, FRET is the ideal approach for 

examining the kinetics of DNA bending due to the excellent time resolution of stopped-

flow fluorescence measurements. Previous studies have successfully employed FRET to 

detect equilibrium DNA bending by human glycosylase enzymes using end-labeled 

oligonucleotides [13]. Stopped-flow FRET measurements have also been used to 

  
Figure 3-1. Model for DNA bending by AAG. (A) Crystal structure of human AAG 

(E125Q) bound to DNA with a flipped-out ɛA lesion (magenta). Coordinates taken from 

the PDB (1EWN) [1] and rendered using PyMOL (http://www.pymol.com). The 

backbone of the lesion strand is bent by approximately 20° at the site of AAG binding. 

(B) Proposed mechanism for lesion recognition by AAG, using DNA bending to detect 

sites of damage. AAG binds nonspecifically to DNA, bends the DNA backbone, and 

searches rapidly for a compatible site of damage. Once a site of duplex instability is 

found, AAG pauses and flips the lesion (red) into the active site for cleavage. 
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characterize the kinetics of DNA bending by diverse DNA-binding proteins like TATA 

binding protein, HMG1, and T7 RNA polymerase [23-25]. 

In this study we used transient kinetic approaches to demonstrate that bending 

occurs subsequent to lesion recognition in a variety of contexts. We perturbed base 

flipping by mutating Y127 and Y159 in the active site pocket and we altered the flexibility 

of the DNA by introducing spacers on the opposing strand. The results are consistent with 

synchronous bending and flipping processes, but we cannot rule out the possibility that 

flipping is rate limiting and rapid bending follows. Therefore, the bending of DNA by AAG 

is not a searching strategy, but rather an adaption to nucleotide flipping that stabilizes the 

specific recognition complex. These results suggest that AAG has evolved to use DNA 

intercalation by a β-hairpin loop to search DNA and recognize lesions with disrupted base 

pairing. Structural comparisons suggests that other glycosylases may have 

independently evolved a similar strategy, whereas others may use a bending mechanism 

like that of MutS to identify damaged sites. 

 

 

EXPERIMENTAL PROCEDURES 

 

Preparation of oligonucleotides 

Undamaged and unlabeled oligos were synthesized by Integrated DNA 

Technologies. Damaged oligos and fluorescently labeled oligos were synthesized by the 

W.M. Keck Facility at Yale University. Oligos with a Cy5 fluorescent tag were labeled on 

the 5’ end of the lesion-containing strand, while Cy3 was placed at the 5’ end of the 

undamaged complementary strand (Fig. 3-2A). Oligos were further purified using 

denaturing PAGE, then extracted and desalted on a C18 column (Sep-Pak). The 

concentration of each oligo was determined using the theoretical extinction coefficient at 

260 nm. The extinction coefficients for labeled and damaged oligos were calculated by 

using the coefficient for an unlabeled strand containing an A in place of the lesion, then 

subtracting 9400 M-1cm-1 for the ɛA lesion, 5000 M-1cm-1 for Cy3, and 10000 M-1cm-1 for 

Cy5.  
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Preparation of enzymes 

The AAG catalytic domain (Δ80 AAG) was expressed in E. coli C41(DE3) cells and 

purified as described previously [26]. The constructs for the Y127W and Y159W variants 

have each been described previously [27]. The AAG variants were expressed and purified 

using the same methods as the WT. A preliminary concentration for each variant was 

established using UV absorbance. The active concentration of each enzyme was 

determined by titrating the enzyme against 200 nM DNA containing an ɛA damage site. 

The quenching of ɛA fluorescence at 405 nm was plotted against the concentration of 

AAG to establish an equivalence point [27]. 

 

Steady-state FRET assay 

To measure steady state changes in FRET upon binding of AAG, AAG was titrated 

against fluorescently labeled DNA. Fluorescence measurements were performed in a 

HORIBA FluoroMax-3 fluorometer with 10 mm quartz cuvettes. Binding titrations were 

performed at 25 °C in reaction buffer consisting of 50 mM NaHEPES (pH 7.5), 100 mM 

NaCl, 1 mM EDTA, 1 mM DTT, and 10% glycerol. Each sample was measured twice, first 

by exciting at 530 nm and recording fluorescence at 560 nm and 660 nm, then by exciting 

at 630 nm and recording fluorescence at 660 nm. AAG was titrated by successively 

adding 1-5 mL volumes of concentrated AAG to the 2.2 mL total reaction volume. The 

total binding time was kept under 15 min to prevent significant N-glycosidic bond 

cleavage. The FRET efficiency of each sample was calculated with the indicated 

corrections (eq 1) [28]. F represents the fluorescence of doubly-labeled DNA, D 

represents DNA with only a Cy3 donor, and A represents DNA with only a Cy5 acceptor. 

The subscript DD indicates excitation of the donor and emission of the donor, DA 

represents excitation of the donor and emission of the acceptor, and AA represents 

excitation of the acceptor and emission of the acceptor. DD0 and AA0 represent the 

fluorescence of these oligos with no enzyme added. The AAG concentration dependence 

of FRET efficiency was fit with segmental linear regression in GraphPad Prism. 

 

𝐹𝑅𝐸𝑇 =
𝐴𝑎𝑑𝑗

𝐴𝑎𝑑𝑗 + 𝐷𝑎𝑑𝑗
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𝐷𝑎𝑑𝑗 = 𝐹𝐷𝐷 ∗
𝐷𝐷𝐷 0

𝐷𝐷𝐷
 

𝐴𝑎𝑑𝑗 = (𝐹𝐷𝐴 − (𝐹𝐷𝐷 ∗
𝐷𝐷𝐴

𝐷𝐷𝐷
) − (𝐹𝐴𝐴 ∗

𝐴𝐷𝐴

𝐴𝐴𝐴
)) ∗

𝐴𝐴𝐴 0

𝐴𝐴𝐴
 

 

Stopped-flow fluorescence kinetics 

Pre-steady state fluorescence experiments were performed using a Hi-Tech SF-

61DX2 Stopped-Flow System and Kinetic Studio software (TgK Scientific). The 

fluorescence of ɛA was measured by exciting samples at 313 nm with a WG360 long-

pass emission filter. For oligos with a Cy3 and Cy5 label, samples were excited at 547 

nm with an RPE660LP long-pass emission filter. For reactions using singly-labeled oligos, 

Cy3 was excited at 547 nm and measured with a WG590 long-pass emission filter, while 

Cy5 was excited at 577 nm and measured with the RPE660LP filter. All reactions were 

performed at 25 °C in buffer containing 50 mM NaMES (pH 6.5), 100 mM NaCl, 1 mM 

EDTA, and 1 mM DTT. Reactions were run for 1-20 s, with a 3 ms dead time. A total of 5 

shots were performed and averaged for each reaction. Three independent experiments 

were individually analyzed and the rate constants were averaged. 

 

Reaction models illustrated with BioRender.com. 

 

 

RESULTS 

 

DNA bending by AAG can be detected by FRET 

To interrogate the timing of DNA bending by AAG, we developed a FRET assay 

using a fluorescently labeled oligonucleotide substrate to report on changes in DNA 

backbone angle. The 19mer substrate was designed with a centrally placed ɛA lesion and 

fluorescent dyes on the 5’ ends of each strand (Fig. 3-2A). The FRET acceptor Cy5 was 

placed on the 5’ end of the lesion-containing strand and the compatible FRET donor Cy3 

was placed on the 5’ end of the complement strand. DNA bending is expected to increase 
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the FRET efficiency by decreasing the distance between the donor and acceptor 

fluorophores (Fig. 3-2B).  

To validate the ability of AAG to induce a bend in DNA and produce a detectible 

change in FRET efficiency, steady state measurements of FRET were performed with 

increasing concentrations of AAG in a fluorometer. As previously noted, cleavage of ɛA 

from the duplex occurs slowly relative to binding under these conditions and therefore the 

FRET efficiency of the substrate-complex could be determined [27]. Measurements were 

performed with both the Cy3/Cy5-labeled FRET substrate as well as singly-labeled oligos 

bearing only Cy3 or Cy5 to control for indirect excitation and emission of the dyes. FRET 

efficiency increased linearly with the titration of AAG up to 1 equivalent of protein (Fig. 3-

2C). Beyond stoichiometric AAG, no further change in FRET efficiency was observed, 

indicating that the increase in FRET efficiency reflects a bending signal from a single 

specific AAG binding event and is not affected by additional nonspecific binding at higher 

concentration of AAG. 

 
Figure 3-2. FRET assay for detection of DNA bending by AAG. (A) Structure of the 

ɛA lesion and sequence of the 19mer FRET substrate used for the detection of DNA 

bending. (B) Diagram of the FRET assay to measure DNA bending. Binding of AAG 

to DNA induces an expected ~20° bend, bringing the Cy3 FRET donor and Cy5 FRET 

acceptor in closer proximity to produce a high-FRET state. (C) Steady state FRET 

bending titration. Increasing concentrations of AAG were titrated against 100 nM DNA 

containing the Cy3 FRET donor, Cy5 FRET acceptor, and Cy3+Cy5 FRET pair. FRET 

efficiency increased linearly up to stochiometric DNA:AAG, with no impact of additional 

AAG molecules on FRET efficiency. 
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We performed stopped-flow fluorescence measurements to monitor the binding of 

AAG to an ɛA-containing duplex. Rapid mixing of AAG with a slight excess of the doubly-

labeled FRET substrate resulted in 4 distinct fluorescence changes (Fig. 3-3). These 4 

phases were not dependent on the DNA sequence context, as alteration of the bases 

directly up and downstream of the lesion produced the same fluorescence phases (Fig. 

B2). The initial increase in fluorescence intensity was too rapid to capture. When the 

 
Figure 3-3. Stopped-flow FRET assay for DNA bending. (A) Representative 

stopped-flow fluorescence traces of 90 nM AAG mixed with 100 nM DNA containing 

a Cy3 FRET donor (green), a Cy5 FRET acceptor (red), or both (blue). The Cy3+Cy5 

trace was fit to the 4-step model described in (B) using Berkeley Madonna (Fig. B4 A-

C), producing the effectively irreversible forward rate constants k1= 3.3x108 M-1s-1, 

k3=310 s-1, and k5=3.9 s-1. The Cy3 only trace lacked the k5 phase and was fit to the 

forward rate constants k1=5.1x108 M-1s-1 and k3=260 s-1, roughly matching the k1 and 

k3 values with both fluorophores present. Early fluctuations in the Cy5 only trace may 

correspond to the same k1 and k3 phases as the Cy3 only trace, but could not be fit 

convincingly due to relatively low signal. 
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assay was repeated with ɛA-DNA containing either the Cy3 donor only or the Cy5 

acceptor only, a large increase in Cy3 fluorescence and a modest increase in Cy5 

fluorescence was observed on the same timescale (Fig. 3-3). This demonstrates that the 

increase in fluorescence is due to direct interaction with AAG, which is further supported 

by the observation that similar increases in fluorescence were obtained when AAG was 

mixed with undamaged DNA (Fig. B1). Modeling this phase as limited by binding of AAG 

to the DNA produces a rate constant of 3.3x108 M-1s-1, consistent with previously reported 

values for nonspecific binding by AAG under similar conditions [18, 27]. 

The initial increase in fluorescence was followed by a decrease in fluorescence 

intensity on the millisecond time scale. Unlike the first phase, this second fluorescence 

change was dependent on the presence of damage on the DNA (Fig. B1). However, 

mixing of AAG with the Cy3-only substrate produced a decrease in Cy3 fluorescence on 

the same millisecond time scale (Fig. 3-3). Due to the damage-dependent loss of 

fluorescence, this phase must correspond to AAG successfully locating the target lesion 

and transitioning away from the nonspecific binding sites near the ends of the 

oligonucleotide duplex. Modeling this step as a unimolecular search for the lesion site 

produces a rate constant of 310 s-1. 

The third phase of FRET change occurred only with damaged DNA substrates and 

required both the Cy3 donor and Cy5 acceptor (Fig. 3-3). This fluorescence change is 

therefore consistent with DNA bending decreasing the average distance between the two 

fluorophores. The third fluorescence phase occurred with a rate constant of 3.9 s-1, which 

is similar to the expected rate constant for base-flipping. The fourth fluorescence change 

was comparatively small, modeled here with a rate constant of 0.04 s-1. This final phase 

could mark a small change in bending long after formation of the specific recognition 

complex, but prior to cleavage of the target lesion. However, we cannot rule it out as an 

artifact due to small changes in the fluorescence of the Cy3-only DNA and undamaged 

Cy3/Cy5 DNA observed on the same time scale (Fig. 3-3, Fig B1). 

 

Comparison of DNA bending to nucleotide flipping 

 Previous studies demonstrate that the intrinsic fluorescence of the ɛA lesion 

reports on both the formation of the initial recognition complex with AAG as well as the 
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flipping of the lesion into the active site to form the specific recognition complex [18]. To 

prevent interference from the brighter Cy3 and Cy5 dyes, we prepared the 19mer ɛA DNA 

duplex without either FRET dye. This oligo is identical in sequence context to a previously 

characterized 25mer oligo [18].    

Rapid mixing of ɛA-DNA with increasing excess concentrations of AAG produced 

3 transient fluorescence changes. The initial increase in ɛA fluorescence has been 

previously demonstrated to correspond to the partial unstacking of the lesion as AAG 

binds at the site of damage. This is followed by strong quenching of ɛA fluorescence as 

the base is flipped into the enzyme active site. As expected, the rate of flipping was 

independent of AAG concentration (Fig. 3-4). To obtain the clearest measurement of 

flipping, experiments were repeated in triplicate with 300-500nM DNA and excess AAG. 

A unimolecular rate constant of 4.4 s-1 was established for flipping (Table 3-1), which is 

comparable to the rate constant of 3.6 s-1 reported for the 25mer ɛA-DNA under similar 

conditions [22]. A slow, final small quenching of fluorescence was observed that could 

reflect a subsequent rearrangement, however similar slow changes in ɛA fluorescence 

       A        B 

 
Figure 3-4. Flipping of ɛA occurs on the same timescale as DNA bending. (A) 

Representative stopped-flow fluorescence traces of 200 nM unlabeled ɛA-DNA mixed 

with varying concentrations of AAG. Reactions were excited at 313 nm with a 360 nm 

longpass filter, and the resulting traces were fit to the sum of 3 exponentials.  (B) 

Concentration dependence of the rate constants for the second phase (base flipping) 

in Figure 3-4A.  

 



52 
 

were sometimes seen in control experiments lacking AAG and therefore this phase was 

treated as an artifact rather than a genuine ɛA rearrangement. 

To obtain the clearest DNA bending signal for quantitative comparison with base 

flipping, the FRET DNA bending assay described in Fig. 3-3 was repeated with 100 nM 

doubly-labeled DNA and 50-80 nM AAG. To limit the complications of interactions 

between AAG and 5’ fluorophores, a slight excess of DNA was maintained. Traces were 

fit to the 4-step model described in Fig. 3-3B. As with base flipping, DNA bending was fit 

to a unimolecular step with a rate constant of 4.4 s-1 (Table 3-1). This rate constant for 

bending is a close match for the rate constant established for base flipping, suggesting 

these measurements of DNA bending and base flipping report on the same step. In the 

simplest model this would suggest a concerted mechanism of DNA bending and base 

flipping, however we cannot rule out models where DNA bending or base flipping are rate 

limiting for the opposing step. 

 

Impact of AAG mutations on kinetics of DNA bending and nucleotide flipping  

The AAG lesion binding pocket is defined in large part by a handful of aromatic 

residues that interface directly with the flipped-out target lesion. Crystal structures reveal 

that Y127 stacks with one face of the flipped ɛA lesion and Y159 makes a T-shaped 

junction with the opposite face of the damaged base (Fig. 3-5A) [1]. These active site 

residues govern the rate of base flipping by AAG, as the Y127W variant slows the rate of 

flipping and the Y159W variant increases the rate of flipping [27].  

To assess the relationship between DNA bending and nucleotide flipping, we 

performed stopped-flow mixing experiments with these variants to determine the kinetic 

parameters for both flipping and bending. If DNA bending were to restrict nucleotide 

flipping, then we expected to see that the two steps would become decoupled if we 

changed the nucleotide flipping step by decreasing the size of the active site pocket. 

Binding reactions were performed with unlabeled ɛA-DNA and a slight excess of AAG to 

maximize the ɛA flipping signal. Consistent with the prior results, the WT flipping rate 

constant of 4.4 s-1 was decreased to 1.7 s-1 in the Y127W variant (Fig. 3-5B, Table 3-1) 

[27]. The opposite was observed with the Y159W mutation, which increased the flipping 

rate constant to 27.4 s-1 (Fig. 3-5B, Table 3-1). 
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The kinetics of DNA bending for Y127W and Y159W was measured with a slight 

excess of FRET substrate over AAG to minimize interactions between excess AAG and 

the 5’ FRET labels. Single fluorophore controls were also performed to validate the FRET 

signal for each variant (Fig. B3). The Y127W mutant showed a reduced bending rate 

constant of 1.5 s-1, while Y159W increased the rate constant to 32.8 s-1. (Fig. 3-5C, Table 

3-1). The rate constants for DNA bending closely parallel the altered rate constants for 

nucleotide flipping by each variant, supporting a concerted or flipping-limited model for 

DNA bending. The accelerated flipping of the Y159W variant in particular provides strong 

evidence against the possibility that DNA bending limits the rate of base flipping, as an 

increase in the rate of flipping should not also accelerate a rate-limiting DNA bending 

step. 

  

 
Figure 3-5. Mutation of AAG active site residues alters both base flipping and 

DNA bending. (A) View of the AAG lesion-binding pocket highlighting the position of 

the Y127 and Y159 residues that interact with the flipped-out ɛA lesion (rendered with 

PyMOL using 1EWN). (B) Representative stopped-flow traces of ɛA fluorescence after 

mixing damaged DNA with AAG variants. Each reaction contained 300 nM ɛA DNA 

and a small excess of 350 nM of the indicated AAG variant. Reactions were modeled 

in Berkeley Madonna as described in Fig. B5 A-B and the rate constants for base 

flipping are listed in Table 3-1. (C) Representative stopped-flow fluorescence traces of 

FRET DNA mixed with AAG variants. Reactions were performed with 100 nM FRET 

DNA and 80 nM AAG, with fluorescence measured using a 660 nm long-pass emission 

filter. Reactions were modeled in Berkeley Madonna as described in Fig. B4 A-C and 

the rate constants for DNA bending are listed in Table 3-1. 
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Table 3-1. Kinetic parameters for base flipping and DNA bending by AAG 

variantsa 

 

AAG Variant Lesion Context kflip (s-1) b kbend (s-1) c 

WT ɛA • T 4.4 ± 0.5 4.2 ± 0.7 

Y127W ɛA • T 1.7 ± 0.3 1.5 ± 0.1 

Y159W ɛA • T 27.4 ± 2.9 32.8 ±16.7 

WT ɛA • Spacer C3 2.2 ± 0.2 1.8 ± 0.04 

WT ɛA • Spacer 9 9.8 ± 0.4 12.9 ± 5.1 
 

aReactions were performed at 25°C in buffer containing 50 mM MES (pH 6.5), 100 mM NaCl, 

1 mM EDTA, and 1 mM DTT. Each value represents the average of 3 measurements ± 

standard deviation.  
bMeasurements of kflip were performed with 300-500 nM DNA and excess AAG. Reactions 

were fit in Berkeley Madonna as described in Fig. B5 A-B. 
cMeasurements of kbend were performed with 100 nM DNA and 50-100 nM AAG. Reactions 

were fit in Berkeley Madonna as described in Fig. B4 A-C. 
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DNA spacers alter both base flipping and DNA bending by AAG 

We reasoned that increased flexibility of the DNA could alter the kinetics of DNA 

bending. Therefore, we introduced either a propyl spacer (spacer C3) or a triethylene 

glycol spacer (spacer 9) in place of the opposing T (Figure 3-6A) and tested their impact 

upon both nucleotide flipping and DNA bending. The results are compared to the ɛA•T 

context in Figure 3-6B for ɛA-fluorescence and in Figure 3-6C for FRET bending signal. 

 
  

Figure 3-6. DNA linkers perturb kinetics of flipping and DNA bending by AAG. 

(A) Sequence of the 19mer DNA substrate used to measure the effect of linkers 

opposite the ɛA lesion. The structures of each spacer are shown. (B) Representative 

stopped-flow traces of ɛA fluorescence with varying opposing strands. Each reaction 

contained 300 nM ɛA DNA with the listed complement and a small excess of 350 nM 

AAG. Reactions were modeled in Berkeley Madonna as described in Fig. B5 A-B and 

the rate constants for base flipping are listed in Table 3-1. (C) Representative stopped-

flow fluorescence traces of FRET DNA mixed with AAG. Reactions were performed 

with 100 nM FRET DNA and 80 nM AAG, with fluorescence measured using a 660 nm 

long-pass emission filter. Reactions were modeled in Berkeley Madonna as described 

in Fig. B4 A-C and the rate constants for DNA bending are listed in Table 3-1. 
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Incorporation of Spacer C3 opposite of the lesion led to a 2-fold decrease in the rate 

constant for flipping relative to an opposing thymine (Fig. 3-6B, Table 3-1). Spacer 9 had 

the opposite effect, increasing the rate constant for flipping by over 2-fold (Fig. 3-6B, Table 

3-1). Just as we observed with nucleotide flipping, Spacer C3 reduced the rate of bending 

by roughly 2-fold while Spacer 9 increased the rate of bending by 3-fold (Fig. 3-6C, Table 

3-1). The consistent alignment of rate constants for nucleotide flipping and DNA bending 

agrees with the same measurements made with AAG variants. Although the Spacer C3 

is expected to be more flexible than deoxyribose, its nominal spacing of the adjacent 

nucleotides is the same as found in DNA and it may cause similar resistance to the 

compression that must occur during DNA bending. In contrast, the triethylene glycol 

spacer is expected to be much more flexible which correlates with increased rate constant 

for both bending and flipping. 

 

 

DISCUSSION 

 

Timing of DNA bending 

We report the development of a FRET assay for the kinetic characterization of 

DNA bending by human AAG. DNA bending has been widely speculated to play a role in 

genome searching by AAG, but evidence for bending by AAG has previously been limited 

to snapshots from X-ray crystal structures and atomic force microscopy studies. To 

elucidate the role of DNA bending we have placed DNA bending into the existing kinetic 

framework of the AAG mechanism (Fig. 3-7).  

The timing of DNA bending relative to base flipping provides the clearest insight 

into the role of bending. We show that the initial recognition complex forms prior to DNA 

bending, providing strong evidence that bending is not necessary for lesion recognition. 

To address the temporal resolution between bending and flipping, we measured both rate 

constants in a variety of contexts. We were able to manipulate the rate constants for both 

bending and flipping by altering the DNA context to alter DNA flexibility and by altering 

the lesion recognition pocket by mutating active site tyrosine residues into larger 

tryptophan residues. The close agreement in rate constants for bending and flipping 
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across a range of proteins and substrates strongly suggests that bending does not 

precede flipping. We cannot distinguish between models where base flipping precedes 

and limits DNA bending and models where DNA bending and nucleotide flipping occur in 

tandem (Fig. 3-7). However, both a late DNA bending step and a concurrent bending/flip 

step preclude the possibility that DNA bending is used to search the genome for sites of 

damage. In both models the role of DNA bending is to accommodate the strain induced 

by nucleotide flipping.  

 

Alternative strategies for searching DNA   

Our results implicate DNA bending as a late step in the stabilization of the specific 

recognition complex. The finding that DNA bending does not contribute to the DNA 

searching mechanism of AAG raises the question of how AAG can efficiently identify 

diverse sites of damage that are mostly hidden within the DNA duplex. A tyrosine residue 

from the β3β4 hairpin of AAG intercalates into the minor groove of DNA and captures the 

lesion in the flipped-out conformation [2]. Side chain intercalation at the lesion site is a 

feature shared by all base flipping glycosylases, though the identity of the residue(s) 

involved varies from enzyme to enzyme.  Mutation of the intercalating tyrosine162 of AAG 

 

 

Figure 3-7. Minimal mechanism for recognition and excision of ɛA by AAG. AAG 

binds nonspecifically to DNA (kon) and initiates a rapid search for compatible sites of 

damage. Once a lesion is identified (kfind), AAG pauses and flips the damaged base 

into the active site. The DNA backbone is bent simultaneous with flipping or shortly 

thereafter, represented here as the singular rate kflip/unflip. Finally, the lesion is excised 

by cleaving the N-glycosidic bond, generating an abasic site (kchem). Rate constants 

for the first 3 forward steps were determined by fitting FRET measurements in 

Berkeley Madonna to a series of effectively irreversible steps (Fig. B4). The rate 

constant for kchem was determined in Hendershot 2014 using a 25mer oligo under 

identical buffer conditions [2]. 
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to tryptophan provides evidence that this side chain intercalates into the minor groove 

long before flipping of the lesion site, and the properties of the intercalating residue 

strongly govern the rate of DNA searching [22].  

Taken together, these studies outline a cohesive model for lesion recognition. First, 

AAG binds to DNA nonspecifically. In our assays this initial binding involves association 

with the fluorescent dyes on the ends of our short DNA oligos. AAG then quickly initiates 

its search of the DNA and intercalates the β3β4 hairpin into the minor groove to probe for 

sites with unusual base structure or hydrogen-bonding properties. Upon identification of 

a site of damage, the enzyme pauses its search until the damaged base can be rotated 

from the duplex. This results in a small bend in the DNA backbone, and the Y162 residue 

fully plugs the gap left by the rotated base. This produces the specific recognition complex 

favorable for N-glycosidic bond cleavage.  

This model provides multiple layers of selectivity for identifying sites of damage, 

as AAG must recognize instability in the minor groove via the intercalating β-hairpin, the 

lesion must be able to be flipped out of the duplex, the lesion must properly fit in the AAG 

active site, and the lesion must be compatible with the acid/base chemistry used for 

hydrolysis of the N-glycosidic bond. The flexibility of the DNA backbone at the lesion site 

could also contribute to specificity, though this warrants further investigation. 

 

DNA bending plays different roles among glycosylases 

 The 4 primary families of glycosylase enzymes are thought to have evolved 

separately over time [29]. Despite separate origins, glycosylases from all 4 families share 

an overall mechanistic strategy involving base flipping, distortion of the DNA backbone, 

and intercalation of side chains into the minor groove of DNA. The convergence of these 

striking systems would seem to suggest that each step plays an identical, essential role 

in recognizing sites of DNA damage. This makes it even more surprising that DNA 

bending by AAG does not appear to play a role in the enzyme’s strategy for DNA 

searching, in contrast with previous reports from other glycosylases.   

Uracil DNA glycosylase (UDG) from E. coli excises uracil from a variety of DNA 

contexts and is among the best-studied enzymes in the uracil DNA glycosylase structural 

family. Kinetic characterization of UDG indicates that DNA bending precedes base 
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flipping during the recognition of sites of uracil damage [30]. Another glycosylase from the 

uracil glycosylase family, thymine DNA glycosylase (TDG), has also been proposed to 

bend DNA prior to flipping [31]. Outside of the uracil glycosylase family, the helix-hairpin-

helix family protein 8-oxoguanine DNA glycosylase (OGG1) has been speculated to bend 

DNA prior to flipping based on AFM observations of OGG1 associated with bent DNA 

lacking any damage [17]. 

In human cells, AAG is the sole glycosylase with the eponymous AAG fold. As 

such, it remains to be seen whether the timing and function of DNA bending diverges 

significantly between the major glycosylase enzyme folds, or whether there are variations 

enzyme-to-enzyme. AAG is notable for recognizing an incredibly broad range of damaged 

substrates, in stark contrast to other glycosylases like UDG that cleave a specialized 

subset of DNA lesions. Further studies will be necessary to dissect trends in the DNA 

bending mechanisms of the numerous glycosylases present in human cells.   
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CHAPTER 4 

 

Human AAG Does Not Contribute to Alkylation Sensitivity  

in HAP1 Cells 1 

 

 

INTRODUCTION 

 

Haploid cells are an attractive platform for any cellular work requiring genome 

editing. Gene deletions or modifications in diploid cells can often be masked by a second 

unaltered copy of a gene, complicating phenotypic analysis. The presence of a single 

copy of each gene in haploid cells dramatically simplifies the process of gene deletion 

and mutation relative. Yeast are a popular model for eukaryotic cell studies, as species 

like Saccharomyces cerevisiae allow for genome manipulation during the haploid stage 

of their life cycle [1, 2]. Human cells are almost exclusively diploid, which has historically 

made genome editing a challenge. Furthermore, many widely used cell lines are polyploid 

in all or some of their chromosomes, as polyploidy is a common feature of cancer cells 

[3]. Human haploid cells normally occur only during the gamete stage. However, some 

rare tumor cells have also been identified as haploid, opening the door for proliferation of 

haploid human cells [4, 5]. These haploid human cell lines have the potential to provide 

the convenience of haploid genome manipulation while preserving the context of human 

cell biology.  

The HAP1 cell line is a commercially available near-haploid human cell line derived 

from the KBM-7 male chronic myeloid leukemia cell line [6]. HAP1 cells contain only 23 

chromosomes, but a small duplication of chromosome 15 present on chromosome 19 

prevents the line from being fully haploid [7]. Unlike its parental cell lines, HAP1 cells are 

adherent and have fibroblast-like morphology. While HAP1 cells are a convenient model 

for exploring the effects of gene knockouts, relatively little work has been done to 
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characterize the unique biology of these irregular haploid cells. Genome maintenance 

and DNA repair are recognized as key features of human cell biology, however very few 

studies have explored these processes in HAP1 cells [8-10]. 

Alkyladenine DNA glycosylase (AAG) is one of roughly a dozen human 

glycosylases responsible for initiating the base excision DNA repair pathway (BER). AAG 

is notable as the only human glycosylase capable of recognizing lesions formed through 

DNA alkylation. AAG scans the genome for sites of damage and upon recognizing a 

lesion cleaves the N-glycosidic bond connecting the modified nucleobase to the DNA 

backbone, generating an abasic site. The abasic site can then be nicked by an AP 

endonuclease and a new nucleotide can be inserted and ligated to match the opposing 

strand [11]. 

The expression of AAG must be carefully controlled for effective protection against 

DNA alkylation. Both knockout of AAG and overexpression of AAG in mammalian cells 

have been shown to increase sensitivity to alkylating agents like methyl methanesulfonate 

(MMS) [12-15]. Knockout of AAG straightforwardly halts the repair of many alkylated 

lesions, leading to mutations and cell death. Conversely, overexpression of AAG can lead 

to the accumulation of dangerous repair intermediates such as abasic sites that can be 

toxic or mutagenic [16]. The former result has been reproduced in human cancer cells, 

with siRNA knockdown of AAG leading to increased MMS sensitivity in HeLa cells [17]. 

Alkylation is a common form of DNA damage. Compounds capable of simple 

alkylation reactions like methylation are present throughout nature as well as inside the 

human cell [18, 19]. For example, the ubiquitous methylating cofactor S-

adenosylmethionine (SAM) is capable of methylating multiple DNA nucleobases at 

nitrogen and oxygen sites. To simulate these alkylating reactions in controlled studies, 

monofunctional alkylating agents such as MMS are often used. MMS is a broad-spectrum 

methylating agent that produces a large variety of methylated nucleobases. Among the 

major products in DNA are 7-methylguanine and 3-methyladenine, as well as other 

products including 7-methyladenine, 3-methylguanine, and several cytosine and thymine 

derivatives (Fig. 4-1) [20]. 
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To assess the relevance of AAG in the alkylation sensitivity of HAP1 cells, we first 

established the activity of AAG in the HAP1 cell line. We then compared the MMS 

sensitivity of HAP1, HAP1 ΔAAG, and HeLa cells and found no significant difference in 

the alkylation sensitivity of HAP1 WT and HAP1 ΔAAG cells. This surprising finding 

indicates that AAG activity does not govern alkylation sensitivity in HAP1 like has been 

previously observed in HeLa cells [17]. Both HAP1 cell lines showed slightly increased 

sensitivity to MMS relative to HeLa, indicating that the haploid cells may be increasingly 

susceptible to loss of function mutation due to alkylation or may lack proper expression 

of protective factors. Finally, we reconstituted the remainder of the BER pathway in HAP1 

cell extracts, confirming that the whole BER pathway is active in HAP1 cells. These results 

suggest that haploid cell lines like HAP1 may differ from other human cell lines in their 

response to alkylation damage. 

 

 

 

 

 

 

Figure 4-1. Alkylation damage generated by MMS. Chemical structure of MMS and 

two of its DNA methylation products. MMS methylates a wide range of adenine and 

guanine lesions, as well as non-DNA targets. Among these products, 3meA and 7meG 

are established targets of human AAG. 
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MATERIALS AND METHODS 

 

Cell culture 

HAP1 WT and HAP1 AAG cells were purchased from Horizon Discovery (WT: C859, 

ΔAAG: HZGHC001537c002). All HAP1 cells were cultured in Iscove’s Modified 

Dulbecco’s Medium (IMDM; GIBCO) supplemented with 10% FBS (Corning). HeLa cells 

were cultured in Dulbecco’s Modified Eagle’s Medium (DMEM; GIBCO) supplemented 

with 10% FBS (Corning). Both cell lines were cultured at 37°C and 5% CO2 in a humidified 

incubator. Media was changed daily and cells were split every 3-4 days using TrypLE 

Express (GIBCO). HAP1 cells were passaged for no more than 2 weeks before usage, to 

minimize the documented shift to diploid cells [21].  

 

Antibodies 

Antibodies used for western blotting include polyclonal rabbit anti-MPG (1:1000, Sigma 

HPA006531), polyclonal anti-rabbit IgG-HRP (1:5000, Promega W4011), monoclonal 

mouse anti-GAPDH (1:1000, Santa Cruz 6C5), and polyclonal anti-mouse IgG-HRP 

(1:5000, Promega W4021). 

 

Preparation of oligonucleotides 

Undamaged 25mer was synthesized by Integrated DNA Technologies.  All modified 

25mer and 35mer oligos were synthesized by the W.M. Keck Facility at Yale University. 

Oligos were purified via denaturing PAGE. Bands were extracted and desalted using a 

C18 column (Sep-Pak). Oligo concentrations were determined using the theoretical 

extinction coefficient at 260 nm. 

 

5’-FAM-ATGGA-s-GCTAGGATGCCTICCTTCTCTCCATTATCG-s-C3-3’ 

5’- C3-CGAT-s-AATGGAGAGAAGGAGGCATCCTAGCTCCAT-s-C3-3’ 

5’-FAM-CGATAGCATCCTXCCTTCTCTCCAT-3’ 

5’-ATGGAGAGAAGGTAGGATGCTATCG-3’ 

X: I, A 

s: phosphorothioate link 
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Cell extract preparation 

HAP1 and HeLa cell extracts were prepared via sonication. Cells were grown to near 

100% confluence then detached from the plate with TrypLE Express, washed with PBS, 

and suspended in Lysis Buffer (50 mM NaMES pH 6.5, 250 mM potassium acetate, 1 mM 

EDTA, 1 mM EGTA, 1% NP-40). After 30 min incubation on ice, samples were sonicated 

twice using a Q800R3 Sonicator (QSonica) with settings: 75% amplitude, 30 seconds, 10 

seconds ON, 10 seconds OFF. Cells were pelleted and further clarified using an 

UltraFree-MC Millipore centrifugal filtration tube for 10 min at 14,000xg. Protein 

concentrations for each extract were determined using BioRad Protein Assay, with 

concentrations ranging between 1-10 mg/mL. 

 

Alkylation sensitivity assay 

Cells were seeded to approximately 20,000 cells per well and incubated overnight. A fresh 

1% solution of MMS was prepared in each cell’s respective media then serially diluted for 

each desired MMS concentration. To initiate the assay, an appropriate amount of each 

MMS dilution was added to each well. Cells were incubated at 37°C and 5% CO2 with 

MMS for 1 hour. Untreated cells were seeded and incubated in parallel. After incubation, 

each well was washed with PBS then returned to media with Pen/Strep antibiotic. Cells 

were incubated for 24 hours, then counted via hemocytometer. Each reaction was 

performed in triplicate and averaged. The average cell count for each cell type and MMS 

concentration was normalized to the average count for untreated cells. Each experiment 

was repeated starting with 3 separate cell seedings. Data shown represents the average 

and standard deviation of these 3 replicates. 

 

Glycosylase activity assay 

Reactions were performed at 37°C in Glycosylase Reaction Buffer designed for optimal 

AAG activity. The buffer contained 50 mM NaMES (pH 6.1), 0.1 mg/mL of BSA, 1 mM 

DTT, 1 mM EDTA, and 100 mM ionic strength adjusted with NaCl. Each reaction 

contained 10 nM FAM-labeled 25mer DNA and 1 mg/mL of cell extract. Aliquots were 

removed from each reaction periodically and quenched in an equal volume of 0.4 M 
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NaOH. The quenched samples were heated at 70°C for 12 min, then mixed 1:2 with 

loading buffer (90% formamide, 10 mM EDTA, 0.025% bromphenol blue, 0.025% xylene 

cyanol) and loaded on a 6.6 M urea, 20% polyacrylamide gel. Gels were scanned using 

an Amersham Biosciences Typhoon 5 Biomolecular Imager (GE Healthcare Life 

Sciences). The samples were excited at 488 nm with a 525 nm band-pass filter. 

Quantification was performed in ImageQuant TL (GE Healthcare). The fraction product 

(product / (substrate + product)) was determined for each sample and the initial rates of 

product formation were fit via linear regression. 

 

BER reconstitution assay 

Reactions were performed in BER buffer containing 50 mM NaHEPES (pH 7.5), 5 mM 

MgCl2, 4 mM ATP, 25 μM dNTP’s, and 100 mM NaCl. Each sample contained 10 nM 

FAM-labeled 35mer DNA with a bulged I damage site, 0.4 mg/mL cell extract, and 100 

nM undamaged 25mer with a central A:T pair. Aliquots from each reaction were quenched 

and quantified as described above. For this assay, the fraction product gives the quantity 

of the non-bulged 34mer oligo as a fraction of the total fluorescence in each lane. 

 

 

RESULTS AND DISCUSSION 

 

To investigate the relevance of AAG to alkylation repair in HAP1 cells, we obtained 

HAP1 WT and HAP1 ΔAAG cells from Horizon Discovery. Western blots were performed 

to verify the presence of AAG in the HAP1 WT cells and absence in the HAP1 ΔAAG cells 

(Fig. 4-2). Protein was detected in both samples of HAP1 WT cells with molecular weight 

consistent with the 33 kD AAG. The same band was not present in HAP1 ΔAAG cells, 

suggesting AAG is properly expressed in HAP1 WT cells and knocked out successfully 

in the appropriate cell line. The varying intensities of the bands for AAG in each HAP1 

WT cell sample could indicate some variability in AAG expression in HAP1 cells.  
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A cell adherence assay was developed to measure the alkylation sensitivity of 

HAP1 cells. HeLa and HAP1 cells are both adherent, so cells were plated at roughly 

20,000 cells per well and were given 24 hours to adhere before alkylation exposure.  Each 

well was incubated in MMS for 1 hour to generate alkylation damage. The MMS was then 

washed away, and cells were given 24 hours in media to recover from the damage. After 

24 hours had elapsed, each well was washed to remove any cells released from the 

surface of the plate. The remaining adherent cells were thus the cells with alkylation repair 

or tolerance mechanisms capable of maintaining cellular function enough to adhere to the 

plate. Cell counts were normalized to the number of cells present in wells lacking any 

MMS treatment. Exposure to 1 mM MMS was sufficient to cause a >90% reduction in cell 

count, validating cell adhesion as a robust reporter for alkylation damage (Fig. 4-3). 

Based on previous work with siRNA knockdown of AAG in HeLa cells, it was 

expected that AAG should play a substantial role in determining the alkylation sensitivity 

of HAP1 cells under strong alkylating conditions like those tested in the adherence assay 

[17]. MMS is a general methylating agent capable of producing numerous methylated 

lesions. However, the primary product of MMS, 7-methylguanine, is a well-characterized 

substrate of AAG [20]. In contrast with this expectation, we observed no substantial 

difference in the cell survival of HAP1 WT and HAP1 ΔAAG cells exposed to high 

concentrations of MMS (Fig. 4-3). This lack of a phenotype for AAG knockout could be 

explained by failure of alkylation repair factors in HAP1 WT cells, or by the presence of 

 Figure 4-2. Verification of AAG 

expression in HAP1 cells. Western blot 

analysis of AAG and GAPDH in HAP1 WT, 

HAP1 ΔAAG, and ES cells. HAP1 cells were 

blotted in duplicate, with a single lane of 

human embryonic stem (ES) cells to confirm 

activity of the rabbit anti-AAG primary 

antibody. The expected molecular weight of 

AAG is 33 kD. 
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unique alkylation repair and tolerance mechanisms in HAP1 cells that offset the loss of 

AAG activity. Both HAP1 cell lines appeared to be slightly sensitized to MMS damage 

relative to HeLa cells, suggesting that in either scenario HAP1 cells are unable to fully 

match the alkylation repair and tolerance of HeLa cells (Fig. 4-3). 

To verify the activity of AAG, cell extracts were prepared from both HAP1 cell lines 

as well as HeLa cells. AAG is the sole glycosylase capable of removing hypoxanthine 

(Hx) in mammalian cells [22, 23]. As such, a standard gel-based glycosylase activity 

assay was performed to quantify excision of Hx from a fluorescently labeled 25mer oligo 

in each extract. Reaction conditions were selected to optimize AAG activity in the extract. 

Hypoxanthine excision activity was observed in both the HeLa and HAP1 WT extracts, 

but not the HAP1 ΔAAG extract (Fig. 4-4A). The initial Hx excision rates of 98 fmol/min·mg 

for HeLa and 110 fmol/min·mg for HAP1 WT cell extracts were very similar, suggesting 

 
Figure 4-3. Loss of AAG does not sensitize HAP1 cells to alkylation damage. 

Alkylation sensitivity assay of HeLa, HAP1 WT, and HAP1 ΔAAG cells. Cells were 

incubated 1 hour with the indicated concentration of MMS, then given 24 hours to 

recover before washed for counting. Each point represents the average of 3 

experiments ± S.D. and each experiment includes the average of 3 identically seeded 

wells. 
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comparable levels of AAG activity in each cell line (Fig. 4-4B). These results indicate that 

any dysfunction in alkylation repair must be separate from the activity of AAG. 

Following base excision by AAG, DNA lesions are normally processed by AP 

endonuclease APE1, polymerase β, and either DNA ligase 1 or DNA ligase 3 [11, 24]. 

Loss of activity at any of these steps could explain the absence of sensitivity to AAG 

knockout in HAP1 cells. To evaluate the presence and activity of the entire BER pathway 

in HAP1 cells, in vitro BER assays were performed with cell extracts. A 35mer bulged 

DNA substrate was chosen to allow for clear distinction between the 35mer starting oligo, 

a 17mer intermediate produced via cleavage by AP endonuclease, and the final repaired 

34mer ligation product (Fig. 4-5A). The reaction buffer contained EDTA to reduce the 

activity of metal-dependent nucleases, and C3 spacer molecules were included on both 

the 5’ and 3’ end of each strand to reduce the activity of cellular exonucleases. Due to 

the absence of AAG in the HAP1 ΔAAG cell line, no intermediate or product was expected 

for that cell line, making it an effective baseline. 

 
Figure 4-4. Verification of AAG activity in HAP1 cells. (A) Representative gel of an 

AAG activity assay in HeLa and HAP1 cell extracts. Reactions contained 10 nM 25mer 

DNA with a central I:T damage site and 1 mg/mL cell extract. (B) Quantified time 

course for the excision of hypoxanthine by AAG in cell extracts. Each point represents 

the average of 3 trials ± S.D. Initial rates were fit via linear regression, producing the 

observed velocities HeLa: vinit = 98 fmol/min·mg and HAP1 WT: vinit = 110 fmol/min·mg. 
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Both HeLa and HAP1 WT cell extracts showed clear formation of 17mer DNA 

intermediate, indicating successful cleavage of the abasic site by APE1 (Fig. 4-5B). In 

addition to this product, an 18 bp band was observed in all 3 extracts. This is likely a result 

of extension of the nicked 17mer by Polβ, leading to 1 bp strand displacement, as 

previously observed in HeLa cell extracts [25]. The formation of 34mer product was 

slightly obscured by the presence of a 5% background of 34mer independent of extract 

(Fig. 4-5C). However, both the HeLa and HAP1 WT extracts showed accumulation of 

additional 34mer product corresponding to completion of the BER pathway. While this 

assay does not rule out the possibility of differences in overall BER efficiency between 

 
Figure 4-5. The BER pathway is active in HAP1 cells. (A) Diagram of BER 

reconstitution assay in human cell extract. Hypoxanthine is excised from the 35mer 

bulged substrate by any active AAG in the extract to produce an abasic site, which is 

cleaved by APE1. The 17mer nicked intermediate is extended by a polymerase as 

necessary to match the opposing strand, and a ligase seals the nick to produce a 

34mer product with no bulge. (B) Example gel of BER reactions showing the formation 

of the 35mer substrate, 17mer intermediate, and 34mer product. Each reaction 

contained 10 nM substrate, 0.4 mg/mL extract, and 100 nM undamaged DNA to 

compete for nonspecific DNA binding factors. (C) Quantification of the gel in B. Both 

HeLa and HAP1 show the slow formation of 34mer product, indicating completion of 

the BER pathway.  
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HeLa and HAP1 cells, it provides clear evidence that the BER pathway is active in HAP1 

cells. 

 Taken together, these results demonstrate that HAP1 cells differ from HeLa cells 

and other mammalian cell lines in their response to alkylation damage. While AAG plays 

a large role in counteracting alkylation damage in HeLa cells, no change in alkylation 

sensitivity is observed upon deletion of AAG in HAP1 cells. Given that both AAG and the 

downstream BER pathway enzymes are active in HAP1 cells, this lack of phenotype may 

arise due to altered efficiency of BER or dysfunction in other repair processes adjacent 

to BER. Both single and double strand break repair are points of potential impairment, as 

the activity of APE1 produces single-strand breaks in DNA at each site of DNA damage. 

There are also several cellular factors capable of forming DNA-protein-crosslinks with 

abasic sites in DNA, which could be altered to interfere with alkylation repair. 

Regardless of the cause, the unique alkylation response of HAP1 cells highlights 

the risk of using haploid cell lines as model systems for studying the carefully regulated 

process of DNA repair. The HAP1 cell line appears to be a poor context for studying the 

function of AAG, and HAP1 may have other deficiencies associated with BER. 
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CHAPTER 5 

 

Conclusions and Future Directions 

 

 

Multi-layered damage recognition 

 

In this thesis we have expanded our knowledge of the mechanisms used by the 

monomeric DNA repair protein human alkyladenine DNA glycosylase (AAG) to recognize 

diverse sites of damage in the genome. As the sole alkylation repair glycosylase in 

humans, AAG must recognize a broad spectrum of lesions while maintaining strong 

discrimination against undamaged bases [1]. These lesions include bases methylated at 

multiple sites, etheno adducts, and the deaminated base hypoxanthine. Not only do these 

bases vary in structure, but they also vary in charge. The remarkable specificity of AAG 

is accomplished through a series of selectivity filters each designed to accommodate or 

discriminate against certain nucleobase structures.  

A great deal is known about the AAG mechanism for lesion recognition and 

catalysis (Fig. 5-1) [2-6]. In the established minimal mechanism, AAG binds 

nonspecifically to DNA, initiates a rapid search for sites of damage, binds at the lesion 

site in an initial recognition complex, flips the target base out of the duplex into the active 

site, and then cleaves the N-glycosidic bond. This mechanism presents several 

opportunities for discrimination between different bases, including the initial recognition, 

base flipping, active site accommodation, and alignment for chemistry. Our work has 

provided insight into several of these layers of specificity, furthering our understanding of 

how AAG is able to identify sites of damage and exclude undamaged bases. 

 



76 
 

 
 

Initial recognition 

 

 DNA bending has long been speculated to play a role in DNA damage recognition 

by glycosylases, including AAG. Bending of the backbone of DNA presents an elegant 

and intuitive means to identify sites of damage from within the duplex based on the loss 

of duplex stability. However, we examined the kinetics of DNA bending using stopped 

flow FRET and revealed that DNA bending occurs later in the AAG mechanism, after the 

site of damage has already been bound in the initial recognition complex (Chapter 3). 

Many glycosylases share a bent specific recognition complex with damaged DNA [7-11]. 

But while the bent intermediates may look similar, it remains possible that different 

glycosylases may utilize bending for distinct purposes. DNA bending has already been 

implicated as a mechanism for searching in uracil DNA glycosylase, the best-

characterized member of the UDG structural family [12]. As such, initial searching 

strategies may vary among glycosylases based on enzyme fold or target lesion.  

For AAG, DNA searching appears to primarily involve the intercalation of the β3β4 

hairpin into the minor groove of DNA, rather than DNA bending. Replacement of hairpin 

residue Tyr162 with tryptophan and examination of tryptophan fluorescence indicates this 

 

Fig. 5-1. Minimal mechanism of AAG. Overview of the AAG mechanism for 

recognizing and removing sites of DNA damage.  AAG (cyan) binds nonspecifically at 

any available site of DNA and systematically scans DNA for sites of damage (red) by 

probing the minor groove using the β3β4 hairpin. Upon identifying a lesion, AAG forms 

an initial recognition complex with the lesion partially unstacked. The lesion is then 

rotated fully out of the duplex and into the AAG active site. At approximately the same 

time as base flipping, the backbone of DNA is bent. Finally, hydrolysis of the N-

glycosidic bond can occur, releasing the damaged nucleobase and producing an 

abasic site. Illustrated with BioRender.com. 
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hairpin intercalates into the minor groove of DNA early in the searching process [6]. This 

positions the hairpin ideally for assessment of base pairing within the duplex without the 

need to flip each base, though the exact interactions between AAG and the damaged site 

remain open for further exploration. 

 

Base flipping and DNA bending 

 

The next layer of specificity comes from the flipping of the damaged base out of 

the duplex and into the enzyme active site. Crystal structures of AAG show the enzyme 

bound to a flipped-out lesion while the backbone of the surrounding DNA is bent by 

roughly 20°. In our stopped flow FRET studies, we determined that flipping of the 

damaged base and bending of the DNA backbone occur on the same timescale (Chapter 

3). Furthermore, modification of the AAG active site and alteration of the flexibility of the 

backbone of DNA do not decouple these two steps, suggesting base flipping and DNA 

bending are tightly coordinated (Chapter 3). Because the damaged base must be flipped 

into the active site for excision, this provides another opportunity for the enzyme to 

discriminate between nucleobase targets. It is not well understood how AAG selects 

which bases to flip, but factors like hydrogen bonding capacity and the flexibility of the 

DNA backbone may contribute to AAG’s ability to quickly flip and bend the DNA for 

specific lesion recognition. 

 

Active site discrimination 

 

 The AAG active site is carefully constructed to accommodate a broad spectrum of 

purine lesions while rejecting undamaged bases. According to crystal structures, the 

active site residue Asn169 sits close to the C2 position of a flipped-out purine nucleobase. 

Consequently, mutation of this residue has been shown to loosen discrimination against 

the binding of undamaged G through removal of the steric hindrance against the bulky 

N2 group of G [13]. However, undamaged G is not the only nucleobase to contain a large 

group at the N2 position that could clash with N169. The lesion 1,N2-ethenoguanine (ɛG) 
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has been proposed as a primary substrate of AAG despite its structural similarities to 

undamaged G [14, 15].   

To evaluate ɛG as a substrate, we characterized both the single and multiple 

turnover kinetics of ɛG excision by AAG (Chapter 2). We found that ɛG is excised with 

much lower catalytic efficiency than other primary substrates of AAG such as 1,N6-

ethenoadenine (ɛA). Furthermore, excess undamaged sites of DNA were found to 

strongly inhibit ɛG excision. As with undamaged G, mutation of Asn169 to Ser resulted in 

a large increase in the single turnover rate constant for the excision of ɛG, establishing 

Asn169 as a major player in discrimination against a variety of lesions containing a bulky 

N2 adduct. This strategy of providing a relatively open active site, but introducing steric 

hinderance to binding of undamaged purines, allows for a broad substrate range. 

However, it prevents the enzyme from effectively repairing some important alkyl lesions 

such as ɛG. Therefore, multiple DNA repair pathways are needed to cover the diverse 

spectrum of adducts that can be formed in DNA. These pathways include direct repair 

pathways. Humans have two oxidative dealkylases known as ALKBH2 and ALKBH3, 

however it is not clear how these and other repair pathways cooperate with AAG to 

provide protection against DNA alkylation. 

 

Alkylation response of HAP1 cells 

 

 In addition to exploring the different steps involved in DNA damage recognition, 

we also investigated alkylation repair in the increasingly popular near-haploid HAP1 

human cancer cell line [16]. Multiple recent studies have attempted to examine the reality 

of DNA searching by glycosylases in the context of a packed eukaryotic nucleus [17, 18]. 

As such, the HAP1 cell line has become an appealing system for exploring DNA repair. 

Unfortunately, DNA repair is a tightly controlled process and very little work has gone into 

characterizing the integrity of these DNA repair systems in such an unstable cellular 

environment. We discovered that AAG does not contribute to cellular survival of severe 

alkylation damage from the general methylating agent methyl methanesulfonate (MMS). 

This phenotype directly contradicts previous observations in the HeLa human cancer cell 

line as well as other mammalian cell contexts [19-21]. Therefore, we conclude that the 
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HAP1 cell line differs from other human cell lines in its repair and tolerance of alkylation 

damage. Further study of HAP1 may provide insight into currently unrecognized alkylation 

repair and tolerance pathways. Conversely, future cellular studies of human AAG should 

employ cell lines that are more representative. 

 

 

FUTURE DIRECTIONS 

 

Contrasting DNA bending by different glycosylases 

 

 In this thesis we have characterized DNA bending by AAG. Contrary to popular 

models, DNA bending by AAG does not occur during genome searching but instead 

accompanies base flipping in the formation of the specific recognition complex between 

AAG and its target lesion. To assess the role of DNA bending, we developed a powerful 

stopped flow FRET assay capable of measuring rate constants associated with DNA 

bending in a variety of contexts (Chapter 3). 

While AAG does not appear to bend DNA during the searching process, it remains 

possible that other glycosylases could utilize DNA bending to identify sites of weakness 

in the duplex corresponding to damaged bases. The stopped flow FRET assay developed 

to measure DNA bending by AAG could be modified to assess the DNA bending rates of 

other glycosylases in order to determine the timing of DNA bending for each enzyme. The 

Cy3 and Cy5 fluorophores on the 5’ ends of the FRET DNA allow for robust measurement 

of DNA bending regardless of the identity of the bound protein. However, the central 

lesion poses an important challenge for mechanistic analysis of other glycosylases. The 

ɛA lesion used in our studies is both strongly recognized by AAG and naturally fluorescent 

for measurement of base flipping [1]. Identifying lesions that match those characteristics 

for each glycosylase would be extremely difficult. 

The E. coli protein 3-methyladenine DNA glycosylase II (AlkA) represents an ideal 

candidate for ongoing measurement of DNA bending by a glycosylase protein. AlkA is 

one of 2 glycosylases in E. coli tasked with removing sites of alkylation damage [22]. As 

such, AlkA shares many target lesions with AAG, including the critical ɛA lesion [23]. The 
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overall mechanistic strategy of the enzymes is also shared with AAG [24]. AlkA binds 

nonspecifically to DNA, scans until a site of damage is located, flips the lesion out of the 

duplex, and hydrolyzes the N-glycosidic bond to release the lesion [25]. AlkA has also 

been crystallized in complex with bent DNA, inducing an even sharper bend than that 

observed with AAG (Fig. 5-2) [26]. Most importantly, AlkA is a member of the helix-hairpin-

helix family of glycosylases, which have a unique structural fold and are thought to have 

evolved separately from AAG and other glycosylase families [27]. Clarification of the role 

of DNA bending in the AlkA mechanism would provide valuable insight into the strategies 

shared among glycosylases and the importance of structural fold and target lesions in 

governing those mechanisms. 

 

 

 

Specific recognition of diverse lesions by AAG 

 

 The kinetic mechanism of AAG has largely been characterized using the intrinsic 

fluorescence of the ɛA lesion [3]. ɛA is ideal for kinetic analysis, as its intrinsic 

fluorescence near 400 nm is sensitive to its environment and fluctuates during several 

 

Fig. 5-2. Crystal structure of DNA bending by AlkA. The E. coli glycosylase AlkA 

(cyan) is shown bound to DNA containing a 1-azaribose abasic site. The DNA 

backbone is bent by 66° at the site of AlkA binding, one of the largest DNA bend 

angles observed in a glycosylase crystal structure. Image produced in PyMOL using  

coordinates from PDB structure 1DIZ. 
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key steps of the AAG mechanism, including the formation of both the initial and specific 

recognition complexes [3]. However, this focus on ɛA ignores potential differences in the 

recognition of diverse target lesions. It also prohibits examination of the impact of different 

lesion features on the rates of key steps like base flipping. Unfortunately, designing a 

system to report on lesion recognition and base flipping without the intrinsic fluorescence 

of the lesion itself has proven very challenging. Previous attempts to develop such an 

assay using tryptophan reporters have either failed to detect base flipping (Y162W 

variant) [6] or directly perturbed the kinetics of base flipping (Y127W, Y159W) [4]. 

 The stopped flow FRET assay described in this thesis provides a new avenue for 

exploring the excision of non-fluorescent lesions. During the characterization of DNA 

bending, we established that the Cy3 and Cy5 fluorophores report on several steps of the 

AAG mechanism outside of bending alone (Chapter 3). Fluorescence of the Cy3 donor 

fluorophore increases significantly upon binding of AAG, corresponding to initial 

interaction between the fluorophore and the nonspecifically bound glycosylase near the 

end of the oligo. This initial binding signal then declines as AAG identifies its target for 

excision in the middle of the oligo and departs from the DNA ends. At that point, a final 

FRET increase occurs, representing both base flipping and DNA bending. This system 

has the potential to report on almost every step of the AAG mechanism, allowing deeper 

characterization of key AAG substrates such as hypoxanthine, 3-methyladenine, and 7-

methylguanine. 

 

DNA alkylation repair by HAP1 cells 

 

 Our examination of alkylation repair in HAP1 cells has focused on biochemical 

assays of base excision repair in cell extracts and cell survival assays with the alkylating 

agent MMS (Chapter 4). These techniques have provided insight into the overall 

alkylation repair phenotype of HAP1 cells. However, the exact role of AAG in the alkylation 

repair of HAP1 cells remains unclear. The observation that AAG knock-out cell lines show 

no change in MMS sensitivity could indicate that HAP1 cells have developed alternative 

means for repairing or tolerating alkylation damage. Alternatively, this result could be 

interpreted to mean the opposite: that both HAP1 WT and HAP1 ΔAAG cells have 
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compromised alkylation repair due to factors outside of AAG activity. To gain a better 

understanding of alkylation repair in HAP1 cells, more direct measurements of DNA 

damage accumulation and repair are necessary. Several strategies are available for 

measurement of DNA damage in human cells.  

Genomic DNA can be fragmented in a damage-dependent manner to quantify the 

total amount of DNA damage within cells. After treatment of cells with MMS, extraction of 

DNA from the cells and treatment with AAG and APE1 in vitro allows for the generation 

of single-strand breaks at sites of AAG-compatible damage. Separation of genomic 

fragments via alkaline agarose gel electrophoresis has the potential to provide time-

resolved quantification of DNA alkylation damage in HAP1 cells [28]. This technique has 

previously been used to estimate AAG-compatible sites of damage in yeast cells treated 

with MMS [17]. If HAP1 cells have developed AAG-independent mechanisms for repairing 

MMS alkylation damage, then genomic fragments would be expected to lengthen over 

time as cells reduce the number lesions available for conversion into single strand breaks 

by AAG and APE1. If HAP1 cells are deficient in alkylation repair, then the short DNA 

fragments formed through alkylation damage should persist longer than in other human 

cell lines.  

The activity of DNA double-strand break repair is also commonly used to report on 

the DNA damage status of human cells. The phosphorylation of histone H2AX to form 

γH2AX is a well-characterized response to double-strand break damage [29]. The 

phosphorylation status of H2AX residue Ser139 can be monitored via immunoblotting, 

immunofluorescent microscopy, or fluorescence activated cell sorting for robust 

quantification of DNA damage [30]. MMS produces a time-dependent increase in γH2AX 

foci, making γH2AX an appealing reporter for repair of MMS damage in HAP1 cells [31, 

32]. Other potential reporters sensitive to MMS damage include Rad51/Rad52 and p53 

binding protein 1 (53BP1) [33, 34]. 

 

 In closing, we have gained valuable insights into the mechanisms used by AAG to 

identify sites of DNA damage and the biochemical tools available for the study of human 

DNA alkylation repair. While AAG is only one of nearly a dozen known human 

glycosylases, its unique structural fold and impressively broad substrate range clearly 
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necessitate novel and finely tuned strategies for identifying target lesions. As our 

understanding of these mechanistic features continues to grow, this knowledge will 

inevitably inform our understanding not just of other glycosylases, but other DNA repair 

proteins.  
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APPENDIX A 

 

Additional Data Figures to Support Chapter 2 

 

 

 

 

 

Figure A1. Impact of DNA length on the excision rate of εA. Direct competition 

between εA in 25mer and 19mer sequences for excision by ∆80 AAG. Reactions were 

performed under multiple turnover conditions, with 1 μM 25mer DNA, 1 μM 19mer DNA, 

and 10 nM AAG. A 1.1-fold preference for 25mer over 19mer was observed. Two 

replicates are pictured for each DNA length. 
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Figure A2. Effect of pH on the AAG-catalyzed excision of εG. Single turnover 

reactions of 20 nM 25mer εG•T duplex with increasing concentrations of ∆80 AAG were 

measured at pH 7.5 and 6.1. The data at pH 6.1 are replotted from Figure 2-4C for 

comparison and represent the average of 6 replicates, while points at pH 7.5 represent 

the average of 2 replicates, and the error bars reflect the S.D. 
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Figure A3. AAG-catalyzed excision of εG with a T complement. Enzyme 

concentration dependence of the single turnover rate of AAG-catalyzed excision of εG 

from an εG•T mismatch. Reactions contained 20 nM of the 25mer εG•T duplex and 

varying concentrations of ∆80 AAG. The best fit values are kmax = 0.032 min-1, K1/2 = 13 

nM, and Ki = 3.1 μM. Each point represents the average of 2 replicates. 
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Figure A4. Model for inhibition by nonspecific binding of multiple AAG molecules. 

Single turnover glycosylase activity assays in Figures 2-4 and A3 reveal an inhibitory 

effect of excess AAG. An analogous effect was previously observed for the DNA 

glycosylase AlkA. In that case, the inhibition was explained via competition between 

specific and nonspecific DNA binding sites. The proposed model for AAG inhibition is the 

same, with nonspecific binding occluding the damaged site and restricting specific 

binding. The binding constant (KD) represents specific binding of AAG to the lesion, 

whereas K′D through K′D N represent the binding of proteins to nonspecific sites which 

limit and ultimately preclude specific binding. The rate constant kchem represents N-

glycosidic bond cleavage. 
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APPENDIX B 

 

 

Additional Data Figures to Support Chapter 3 

 

 

 

 

 
Figure B1. Stopped Flow FRET assay with undamaged DNA. Stopped flow 

fluorescence traces of 500nM AAG mixed with the indicated 100nM undamaged DNA.  

Oligos were labeled with a Cy3 FRET donor (green), a Cy5 FRET acceptor (red), or both 

(blue). Reactions containing Cy3 were excited at 547 nM, while the Cy5-only reaction was 

excited at 577 nM.  A 660 nM long-pass emission filter was used for reactions with the 

Cy5 label, while a 590 nM long-pass emission filter was used for the Cy3-only reaction. 

All 3 reactions showed an initial increase in fluorescence comparable in time scale to the 

first phase of Figure 3-3.   
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Figure B2. DNA bending FRET signal with a different DNA sequence context. 

Stopped flow fluorescence traces of 80 nM AAG mixed with 100 nM DNA oligonucleotides 

containing a Cy3 FRET donor, a Cy5 FRET acceptor, or both. The Cy3 donor was excited 

at 547 nm with a 590 nm long-pass emission filter.  The Cy5 acceptor was excited at 577 

nm with a 660 nm long-pass emission filter. Doubly-labeled DNA was excited at 547 nm 

with a 660 nm long-pass filter.  

 

   

 

  



93 
 

 

 

 

Figure B3. Single-fluorophore interactions of AAG variants. (A) Stopped flow 

fluorescence traces of 100nM DNA oligonucleotides containing a Cy3 FRET donor, a Cy5 

FRET acceptor, or both mixed with 80nM AAG (A) Y127W, (B) Y159W. Donor excited at 

547nm with a 590nm longpass filter.  Acceptor excited at 577nm with a 660 longpass 

filter. Doubly-labeled DNA excited at 547nm with a 660nm longpass filter. 
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Figure B4. Example of Berkeley Madonna script for fitting of DNA bending.  (A) Reaction scheme for 

the binding of AAG to DNA. Variables A-F represent each reaction species, with A = free AAG, B = free 

DNA, C = nonspecific AAG binding at DNA ends, D = searching complex, E = specific recognition complex, 

F = slow FRET increase. (B) Rate constants from Berkeley Madonna fits. Each value represents the 

average of 3 replicates ± S.D. The reverse rate constants for each step fit to very low values, indicating the 

reaction scheme could be simplified to 4 irreversible steps. (C) Representative script from Berkeley 

Madonna. To fit the overall fluorescence, Z, of the reaction, fluorescence coefficients were assigned to each 

DNA species (FB, FC, FD, FE, FF) with a floating baseline, H. 

 

A 

 

B 
 

AAG Variant WT Y127W Y159W WT WT 

Lesion Context ɛA•T ɛA•T ɛA•T ɛA•Spacer C3 ɛA•Spacer 9 

k1 (on) (M-1s-1) 4.2x108 ± 2.5x108 3.0x108 ± 9.4x107 4.2x108 ± 2.2x108 5.9x108 ± 1.9x108 3.9x108 ± 1.7x108 

k2 (off) 

(s-1) 

9.7x10-11 ± 8.8x10-11 9.7x10-11 ± 8.3x10-11 3.8x10-10 ± 4.1x10-10 4.0x10-10 ± 6.5x10-10 1.2x10-10 ± 1.6x10-10 

k3 (find) 380 ± 96 220 ± 100 950 ± 360 290 ± 160 310 ± 98 

k4 1.7x10-7 ± 2.0x10-7 1.3 ± 2.2 3.2x10-7 ± 2.1x10-7 7.8x10-8 ± 1.3x10-7 8.8x10-7 ± 8.8x10-7 

k5 (bend) 4.2 ± 0.7 1.5 ± 0.1 32.8 ± 16.7 1.8 ± 0.04 12.9 ± 5.1 

k6 (unbend) 8.2x10-4 ± 7.3x10-4 6.3x10-5 ± 1.1x10-4 3.8x10-3 ± 3.5x10-3 1.6x10-3 ± 2.2x10-3 6.8x10-3 ± 7.0x10-3 

k7 (slow) 0.016 ± 0.023 0.033 ± 0.029 0.85 ± 1.1 0.054 ± 0.027 0.13 ± 0.19 

k8  1.6x10-4 ± 4.6x10-5 1.7x10-5 ± 1.5x10-5 1.8x10-4 ± 2.0x10-4 4.7x10-5 ± 7.8x10-5 4.0x10-5 ± 4.3x10-5 

 

 

C 
 

METHOD RK4 

STARTTIME = 0 

STOPTIME=15 

DT = 0.0001 

 

Z = FB*B + FC*C + FD*D + FE*E + FF*F + H 

 

d/dt (A) = k2*C - k1*A*B 

d/dt (B) = k2*C - k1*A*B 

d/dt (C) = k1*A*B + k4*D - k2*C - k3*C 

d/dt (D) = k3*C + k6*E - k4*D - k5*D 

d/dt (E) = k5*D + k8*F - k6*E - k7*E 

d/dt (F) = k7*E - k8*F 
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init A = 0.00000009 

init B = 0.00000010 

init C = 0 

init D = 0 

init E = 0 

init F = 0 

H = 107.39015 

 

FB = 5.517106E6 

FC = 1.3925E9 

FD = 4.4873E7 

FE = 5.5339E7 

FF = 7.1326E7 

 

k1 = 2.3168E8 

k2 = 1.7096E-10 

k3 = 377.71242 

k4 = 3.8645E-7 

k5 = 4.83605 

k6 = 3.0182E-6 

k7 = 0.00479 

k8 = 1.6121E-4 
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Figure B5. Example of Berkeley Madonna script for fitting base flipping.  (A) Reaction scheme for the 

flipping of eA by AAG. Variables A-F represent each reaction species, with A = free AAG, B = free DNA, C 

= nonspecific AAG binding, D = initial recognition complex, E = specific recognition complex, F = slow 

artifact. (B) Table of rate constants for 3 reactions of WT AAG with ɛA•T DNA. The reverse rate constants 

fit to very low values, so the reaction scheme could be simplified to 4 irreversible steps. Both binding and 

finding, k1 and k3, could not be averaged across reactions with different excess AAG concentrations, as 

both steps have been demonstrated to vary with excess AAG. Base flipping, k5, is independent of AAG 

concentration, as shown in Fig. 3-4. (C) Representative script from Berkeley Madonna. To fit the overall 

fluorescence, Z, of the reaction, fluorescence coefficients were assigned to each DNA species (FBC, FD, 

FE, FF) with a floating baseline, H.  

 

A 

 
 

B 
 

[AAG WT]  1 μM 350 nM 1 μM 

[ɛA•T DNA] 500 nM 300 nM 200 nM 

k1 (on) (M-1s-1) 3.2x108 7.9x108 3.8x108 

k2 (off) 

(s-1) 

1.8x10-9 1.7x10-10 6.0x10-10 

k3 (find) 3700 680 8030 

k4 2.4x10-7 2.8x10-7 2.0x10-6 

k5 (flip) 5.7 4.8 4.0 

k6 (unflip) 1.8x10-17 2.5x10-4 0.063 

k7 (slow) 0.94 0.16 0.30  

 

C 
 

METHOD RK4 

 

STARTTIME = 0 

STOPTIME=10 

DT = 0.0001 

 

Z = FBC*B + FBC*C + FD*D + FE*E + FF*F + H 

 

d/dt (A) = k2*C - k1*A*B 

d/dt (B) = k2*C - k1*A*B 

d/dt (C) = k1*A*B + k4*D - k2*C - k3*C 

d/dt (D) = k3*C + k6*E - k4*D - k5*D 

d/dt (E) = k5*D - k6*E - k7*E 
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d/dt (F) = k7*E 

 

init A = 0.00000035 

init B = 0.00000030 

init C = 0 

init D = 0 

init E = 0 

init F = 0 

H = 132.70572 

 

FBC = 8.4226E7 

FD = 2.2336E8 

FE = 5.7013E7 

FF = 4.7639E7 

 

k1 = 8.0075E8 

k2 = 6.9911E-11 

k3 = 580.03186 

k4 = 2.5703E-7 

k5 = 4.7494 

k6 = 5.5045E-8 

k7 = 0.1 
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